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Abstract
The extent of nanoplastic pollution has raised severe environmental

and health concerns. While the means for microplastic detection are
abundant, improved tools for nanoplastic detection are called-for. State-
of-the-art microscopic techniques can detect nanoplastics down to tens of
nanometers, however, only from small sample sizes (typically ∼ 10 µl). In
this work, we describe a method that enables sampling of 1 liter of sea-
water by the means of correlative Raman- and SEM-techniques. This is
achieved by adapting common microplastic sample purification protocols
to suit the nanoplastic study. In addition, we decorate a membrane filter
with SERS-property to amplify the Raman signals. Together, the purifi-
cation method combined with the use of the SERS-activated-membrane-
filter enables identification and imaging of individual nanoplastic particles
from significantly larger sample sizes than before. In the nanoscale the
average recovery rate is 5 %. These results aim to provide useful tools for
researchers in the fight against plastic pollution.

Keywords: nanoplastic, chemical digestion, seawater, electron microscopy, Ra-
man microscopy, SERS
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1 Introduction
It has been estimated that 60 % of all plastics ever made, has been discarded
either in the landfills or in the environment.1 This has caused a global littering
problem which was acknowledged in scientific literature already 50 years ago.2, 3

What makes the plastic waste problem especially challenging to manage is the
breakage of the plastic materials into small pieces called micro- and nanoplastics,
depending on how small they are. In this paper, we use the convention to call
5 mm - 1 µm plastic particles as microplastics and 1 - 999 nm particles as
nanoplastics. The breakage is thought to be caused by mechanical abrasion, UV-
light, or digestion by small animals.4–7 Moreover, the most recent research shows
that even brand new plastic products release large numbers of small plastic
particles during usage (e.g. infant drinking bottles or tea bags).8, 9 Hence,
small plastic particles from whichever aforementioned origin, are now found on
land, at sea, and in the air, even in the most remote places on Earth, down to
sediments dated back to the 18th century.10–14

While the harm from large plastic pieces to humans is mainly aesthetic
(e.g. trashing of beaches) the micro- and nanoplastics have raised a health
concern.15 Owing to their small size micro- and nanoplastics can enter the
human body: Ragusa et al. reported microplastics in human placentas and
Leslie et al. reported microplastics and nanoplastics in blood.16, 17 In general, it
is thought that particles smaller than 1 micrometer may enter cells and particles
smaller than 200 nm may cross the blood-brain barrier raising concern that the
plastic might reach the brain.15

The methods to study microplastics are well established, however the means
to study nanoplastics are still incomplete. According to a recent review, nanoplas-
tics are in most cases detected using pyrolysis coupled to gas chromatography-
mass spectrometry (Py-GC-MS).18 While the Py-GC-MS has proven to be ex-
tremely useful tool, and provided us with the first estimations on the nanoplas-
tic concentration (µg/l) in various different environments, the shortfall of the
method is that it cannot provide the particle count nor the size distribution in
the sample. As, for example, the particle size determines how deep in the body
they can travel, it is of utmost importance to have data on the particle counts
down to the nanosize. Very recently, Bauten et al. reported a promising way to
use flow cytometry to count nanoplastics using polymer binding peptides, but
the application to environmental samples is yet to be demonstrated.19

Raman microscopy has been shown to be an efficient technique to detect
nanoplastics. Many groups have developed methods to find nanoplastics using
Raman from within relatively clean sample matrices which do not require pu-
rification such as tap water or ultrapure water (e.g. Milli-Q).20–24 In addition
to Raman, microscopic images have been obtained from clean matrices using
SEM combined with XPS and FTIR8 or STXM and NEXAFS combined with
TEM.25 In contrast to ultrapure water, environmental samples are more com-
plicated to analyze (e.g. sea or lake water) due to vast amount of organic and
inorganic matter present in the sample relative to the targeted plastics. Despite
the challenging matrix, recent literature describes success in nanoplastic detec-
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tion from natural waters using Raman techniques, namely, Raman tweezers,26

and SERS (Surface Enhanced Raman Spectroscopy).27–29 However, the sample
size so far has remained low, being typically 10 µl or "a drop" of unconcentrated
and unpurified water. If the sample is not purified (i.e. not chemically digested)
it will hamper the nanoplastic analysis, in particular, when using microscopic
methods. Firstly, the small nanosized plastic particles might get buried under
the organic matter making it impossible to image them. Secondly, identifying
the plastics based on their Raman spectrum will be complicated as well due to
background fluorescence signal from the organic matter. In fact, several authors
have acknowledged the problem caused by the background signal when working
with unpurified samples.27, 28, 30, 31 Moreover, to utilize SERS effectively, the
examined nanoplastics must be within a few nanometers of the metal surface.32

Therefore the nanoplastic particle under investigation should ideally lie on the
surface of the SERS-substrate without any matter in between.

The lack of a suitable purification protocol designed for microscopic inves-
tigation of complex sample matrices is essentially limiting the sample size to
a drop. Concentrating a larger sample would also concentrate the organic and
inorganic matter which would then bury the small nanoplastics making the use
of microscopic methods impossible. To solve this problem, in this work, we
show how to purify 1 liter of seawater to such detail that individual nanoplastic
particles can be identified using Raman spectroscopy and high magnification
images obtained using scanning electron microscopy (FESEM). To assist in the
detection of nanoplastics, a SERS-activated-membrane-filter is used to filter out
the final reagent allowing direct observation of the particles from this very same
filter. As far as we know, this is the first demonstration of reaching nanoscale
resolution using microscopic techniques from such large sample size of actual
seawater.

2 Materials and Methods
2.1 Sampling and storing of seawater
Seawater samples were collected from the Baltic Sea at Ispoinen Beach (60◦24’52"N
22◦15’33"E) on 3.10.2022 and Kansanpuisto Beach (60◦25’35"N 22◦10’59"E) on
14.2.2023 both locating in the coast of Turku, Finland. Sampling was done by
filling 5 l glass bottles with surface water at the sampling sites. Filled bot-
tles were closed with ground joint glass stopper and covered with a piece of
aluminium foil to protect the sample from contamination as shown in the pho-
tograph in Figure 4. The samples were stored at 3 ◦C in dark until further
processing. During the storing, matter denser than water (e.g. sand) sank to
bottom of the sampling bottle.
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2.2 Chemicals for sample matrix digestion
Hydrogen peroxide (H2O2, 30 % analytical reagent grade) was supplied from
Fischer Scientific. Hydrochloric acid (HCl, 37 %, analytical reagent grade) and
sodium hydroxide (NaOH, pellets, 98.9 %) were supplied from VWR. NaOH
pellets were dissolved in Milli-Q water to achieve 0.1 M NaOH solution. HCl
was diluted with Milli-Q water to achieve 10 % HCl solution. All these chemicals
were filtered through polyethersulfone (PES) membrane filter (Sartorius Type
15407, 0.2 µm pore size, 47 mm diameter) prior use.

2.3 The chemical digestion protocol
1 l of seawater (Ispoinen Beach) from the 5 l sampling bottle was carefully
poured into a large flask trying to leave the sand behind. Next, the seawater
was poured onto a polycarbonate (PC) filter, and suction filtered. Residue left
on the filter was collected by transferring the filter into round-bottom flask. The
leftover filtrate was discarded. For the first digestion step, 30 ml of 30 % H2O2
was added into the flask. A recovery bend was added to the flask to serve as
a cap to minimize the risk of contamination but simultaneously allowing gases
to evaporate freely (also applied in the further steps). The filter was bathed in
the H2O2 for a week. During this time, the flask was at 50 ◦C water bath for
3 consecutive days 6 h/day (on 2nd, 3rd and 4th day). In the morning of each
day of heating, 10 ml of 30 % H2O2 was added into the flask. Rest of the time
the flask was kept at room temperature.

After the week, the sample in H2O2 was poured onto a new PC filter and
suction filtered. The flask (where the first filter still remains) was rinsed with
30 ml of Milli-Q water for 6 times to collect all particles. The rinsing water
was poured onto the new PC filter and suction filtered. Next the new filter was
moved into clean round-bottom flask where 30 ml of 0.1 M NaOH was added.
The sample was digested in NaOH for 24 h at room temperature.

After the 24 h, the sample in NaOH was poured onto a new PC filter, and
suction filtered. The flask was rinsed with 30 ml of Milli-Q water for 6 times.
After the sample in NaOH and the rinsing Milli-Q water were suction filtered,
the filter was moved into a round-bottom flask. 10 ml of 10 % HCl was added
and let the digestion proceed for 1 h at room temperature. Finally, the HCl was
removed by filtering the sample through a new PC filter.

A small piece (< 1 cm2) of PC filter was cut every time before the filter
was moved into the round-bottom flask, in order to image the processing steps
(presented in Figure 1). These small pieces were taped onto pin mount specimen
holders with carbon tape and sputtered with 10 nm of platinum prior SEM
imaging.

2.4 SERS-activated-membrane-filter
Platinum (deposition thickness 12 nm) was sputtered onto Al2O3 membrane
filters (Cytiva Whatman Anodisc Circle with Support Ring, 25 mm, 0.2 µm
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pore size) using Quorum 150V ES+ sputter coater.
Spherical PS nanoparticles (Latex Microsphere Suspension, 10 % w/w, mean

diameter 0.50 µm, Catalog Number 5050A) were purchased from Thermo Fisher
Scientific. They were diluted 1000 times prior using (10 µl PS suspension to 10
ml Milli-Q water). Then 10 µl of the 1000x diluted PS suspension was pipetted
into 30 ml of Milli-Q water, which was then filtered onto the Pt-coated (i.e.
SERS-activated) or uncoated Al2O3 filters. After the filters had dried, they
were characterized with Raman microscope.

2.5 In-house made polystyrene (PS) nanoparticles
The in-house made PS nanoparticle solution, was prepared as follows. Polystyrene
packages from alimentary products were collected and washed with soap and
water. Small amount of PS powder was prepared by sawing the packages with
a hand saw. Next the powder was ground to nanosize using a ball mill the
following way. Total of 1 g of white PS sawdust was added into 5 separate
borosilicate glass vials (200 mg/each). 2 g of zirconium grinding beads (diam-
eter: 1 mm) and 2 ml of ethanol were added into each vial. Vials were put
into designated vial holder which was then attached into the planetary ball mill
(Fritsch Pulverisette 7). Grinding duration and speed were chosen according to
the study of El Hadri et al.33 (speed: 450 rpm, duration: 40 cycles of 3 min of
grinding and 6 min of pause). After the grinding, the top 1 ml of each vial was
collected into a new vial (a photograph shown in Supporting Information Figure
S1). PS concentration of the resulted solution was calculated by filtering 1 ml
of the solution through a filter (pore size: 200 nm) and weighing the retentate
resulting in 0.53 ± 0.08 mg/ml.

2.6 Demonstration with seawater-nanoplastic mixture
1 l of seawater (Kansanpuisto Beach) from the 5 l sampling bottle was carefully
poured into a large flask to leave the sand behind. Next, 100 µl of in-house
made PS nanoparticle solution was added into the same flask and mixed. The
resulting plastic concentration became 53 ± 8 µg/l.

The water was treated as described above in section The chemical digestion
protocol with the exception that the HCl was removed by filtering the sample
through the Pt-coated Al2O3 filter (instead of a PC filter), which was designed
to act as the SERS-substrate. Prior characterization with Raman microscope
and SEM, the filter was let to dry at room temperature.

After the filter had dried, small scratch was done in the middle of the filter
with injection needle to mark the (0,0)-coordinate point according to which the
plastic particles were located.

All steps until here were performed in Class II-level biosafety cabinets to
protect the samples from contamination.

Then the filter was characterized with Raman microscope, and the smallest
plastics were targeted. Raman spectra of found nanoplastics were compared to
a spectrum, which was obtained from the same white PS plastic, from which the

5

https://doi.org/10.26434/chemrxiv-2023-9sbjn-v3 ORCID: https://orcid.org/0000-0003-0903-3207 Content not peer-reviewed by ChemRxiv. License: CC BY-NC 4.0

https://doi.org/10.26434/chemrxiv-2023-9sbjn-v3
https://orcid.org/0000-0003-0903-3207
https://creativecommons.org/licenses/by-nc/4.0/


nanoplastics were made. Once a nanoplastic particle was found, its coordinates
were noted down. Later, using the coordinates, the same PS nanoparticles were
accurately found and high magnification images obtained with SEM.

2.7 Recovery rates calculation
The recovery rate was calculated by dividing the number of particles found in the
sample filter by the number found in the reference filter and then multiplying the
result by 100 %. In more detail, the maximum and minimum dimension from all
the plastic particles in an area was measured (see Supporting Information Figure
S2 for an example measurement). Based on the measurements, the number of
particles was classified according to their sizes (100-200 nm, 200-300 nm,..., 900-
1000 nm, 1-2 µm, 2-3 µm,..., 8-9 µm, > 10 µm). Then the recovery rate was
calculated according to formula:

Recovery ratei = countsample
i /areasample

countref
i /arearef

· 100%, (1)

where i = 100-200 nm,..., 900-1000 nm, 1-2 µm,..., 8-9 µm, > 10µm, counti is
the number of particles found corresponding to size range i, area is the area from
which the particles where counted, sample refers to the sample under study, and
ref refers to the reference sample where plastics are detected without losses.

The recovery rates presented in Figure 9 were calculated from a sample
where 100 µl of nanoparticle solution was mixed with 1 liter of ultrapure water
(Milli-Q) resulting in concentration of 53 ± 8 µg/l. The sample was processed
as described above. As a reference sample the same amount of nanoparticle
solution (100 µl) was directly pipetted onto the filter (Al2O3/Pt).

To calculate the recovery rates of particles up to 4 µm in size, 127 particles
were found and measured on the sample filter from an area of 117 300 µm2, while
427 particles were found in the examined area on the reference filter, which had
an area of 27 600 µm2.

Particles larger than 4 µm were counted from larger areas: 291 575 µm2 and
219 528 µm2 for sample and reference filter, respectively. The SEM image used
in calculation (patched together from multiple smaller images) is presented in
Supporting Information Figure S3. During the examination, 113 particles larger
than 4 µm were found on the sample filter, while 191 particles were found in
the examined area on the reference filter

2.8 Raman microscopy
The Raman instrument was Renishaw Qontor inVia Raman microscope equipped
with Leica Microscope, a CCD detector and 1800 l/mm grating. Raman spectra
were recorded at room temperature using 532 nm laser (RL532C50, Renishaw).
The power of the laser was adjusted as high as possible without burning the PS
spheres on the platinum coated filter (0.171 mW). The spectra were recorded

6

https://doi.org/10.26434/chemrxiv-2023-9sbjn-v3 ORCID: https://orcid.org/0000-0003-0903-3207 Content not peer-reviewed by ChemRxiv. License: CC BY-NC 4.0

https://doi.org/10.26434/chemrxiv-2023-9sbjn-v3
https://orcid.org/0000-0003-0903-3207
https://creativecommons.org/licenses/by-nc/4.0/


on single scan using 100 s acquisition time and 100x objective. Peaks caused by
cosmic rays were removed from the data, and baseline correction was applied
using the inVia. The spectra are shown without any smoothing.

2.9 Electron microscopy (FESEM/EDS)
Electron micrographs and elemental analysis of the samples were taken with
Apreo S (Thermo Scientific, The Netherlands) field-emission SEM, equipped
with Ultim Max 100 energy dispersive spectrometer (EDS; Oxford Instruments,
UK). High magnification images were collected using an acceleration voltage of
2 kV. For confirming the composition of the samples, elemental maps and EDS
spectra were acquired using an acceleration voltages of 4-6 kV. Compositional
analysis was done using AZtec 6.1. software (Oxford Instruments).

3 Results and discussion
In this section we first introduce the chemical digestion protocol designed for
nanoplastic research, and show how each reagent acts on the seawater sample.
Next, we introduce the developed SERS-activated-membrane-filter and show
how it amplifies the signals from small nanoplastics. Finally, we introduce the
whole protocol by showing how the chemical digestion is used together with
the SERS-activated-membrane-filter to find nanoplastic particles mixed with
seawater.

3.1 The chemical digestion protocol
Common chemical digestion protocols for (micro)plastic extraction from com-
plex matrices include the use of acids (HCl, H2SO4 or HNO3) bases (KOH or
NaOH) and oxidizers (H2O2 or Fenton reagent) with varying order, combina-
tion, concentration, processing times and temperatures.34–36 Typically, in the
last stage prior to microscopic examination the reagent is filtered out, sample
is rinsed with water to remove reagent traces, and then analyzed. Based on
existing literature on microplastics we have put together a chemical digestion
protocol suitable for nanoplastics. From the multiple possibilities we optimized
for digestion efficacy taking into account chemical compatibility of the filters
and the reagent.

The digestion protocol was first tested with seawater without added nanoplas-
tics in it, and the effect of each reagent was examined microscopically. Polycar-
bonate filters were used throughout as only the reagents’ effects on the seawater
components was examined, and therefore no SERS was needed.

We began by filtering 1 liter of seawater onto a 200 nm pore size polycar-
bonate filter. Due to rather large amount of organic matter in the Baltic sea
the 200 nm filter pore size was selected to enable reasonable filtering time.

The first row in Figure 1 shows the retentate after filtering 1 liter of seawater
without any purification. The filter surface is covered with bacteria, diatoms and

7

https://doi.org/10.26434/chemrxiv-2023-9sbjn-v3 ORCID: https://orcid.org/0000-0003-0903-3207 Content not peer-reviewed by ChemRxiv. License: CC BY-NC 4.0

https://doi.org/10.26434/chemrxiv-2023-9sbjn-v3
https://orcid.org/0000-0003-0903-3207
https://creativecommons.org/licenses/by-nc/4.0/


Figure 1: The figure shows the sequential effect of each digestion reagent on
the sample. The first row shows the filter surface after 1 liter of seawater was
filtered through it. In the last row the sample has been treated with H2O2,
NaOH and HCl. Each column has the same magnification.

phytoplankton. Trying to distinguish individual nanosized plastics from within
this matter that is several times larger (e.g. the length of bacteria is around 1-2
µm) would be extremely challenging. In addition, the organic matter can be
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highly fluorescent which would disturb the Raman measurements. The images
thus clearly show the need for an efficient purification protocol.

For the first digestion reagent we selected H2O2 and the result can be seen
in the second row of Figure 1. The H2O2 has effectively removed all of the
organic matter. Earlier literature suggests that other oxidizers, namely sodium
hypochlorite (NaClO), would be more efficient than H2O2. However, in our
experiments with the selected digestion time, temperature, added amount and
concentration, we didn’t see any residue of organic matter when using H2O2.
Therefore, we concluded that for our purposes the H2O2 was efficient enough.
After the H2O2 digestion, there appeared still to be a lot of inorganic matter
left (e.g. diatoms) that could be further digested with other reagents. Diatoms’
siliceous shells can’t be digested using H2O2 but can be dissolved using NaOH.37

The result of NaOH digestion can be seen in 3rd row of Figure 1. The
diatoms have been effectively removed and the filter surface has become again
cleaner. It is worth noting that, polycarbonate has limited resistance against
NaOH, however we found that the selected overnight reaction in 0.1 M NaOH
effectively removed the diatoms without causing any damage to the filter that
would be visible by eye or the electron microscope.

After NaOH, the sample matrix was digested using HCl in case there was
calcareous (CaCO3) items (e.g. minerals or mollusc shells) left in the sample.
The end result of the process seems ideal for the nanoplastic detection using
spectro-microscopic techniques: individual particles are against the clean surface
of the filter without any fluorescent background present.

Milder purification conditions could be achieved using enzymatic digestion
protocols which are performed in aqueous solutions in close to neutral pH (5-
9).38 Avoiding strong chemicals would also reduce the risk of damaging the
plastics during the purification. However, we selected the chemicals and their
strength such that they have been shown to have no or very little effect on the
most common plastics according to literature.34

3.2 SERS-activated-membrane-filter
Typically when using Raman to detect nanoplastics, SERS is employed to get
enough signal from the tiny particles. The SERS-effect can be created by de-
positing the sample on a nanostructured metal substrate or by the addition of
nanoparticles onto the substrate or onto the sample. The signal enhancement is
a result of laser excitation of the localized surface plasmon resonances (LSPR)
which are located at the sharp features of the nanostructured surface.39

The SERS-function was generated onto alumina membrane filters (pore size
200 nm) via sputtering a thin layer of platinum onto the filters. Figure 2 shows
that the platinum coating creates an even conformal coating without any dam-
age or alteration of the filter structure. The insets show that upon coating, the
white Al2O3 gets a darker coloring. The functioning as SERS-substrates was
tested with 500 nm polystyrene spheres. Figure 3 shows a microscope image
from both filter surfaces after a dispersion of polystyrene spheres was suction
filtered through them. Next to the images, three representative Raman spec-
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Figure 2: The figure shows scanning electron microscope images of an uncoated
Al2O3 filter surface (left) and the SERS-active platinum coated Al2O3 filter
surface (right). The insets show photographs of the same filters.

tra measured from the spheres retained on the filter surface are provided. The
coating produces two enhancements. Firstly, the plastic particles become more
visible against a colored background owing to the contrast difference (white plas-
tic against dark filter) compared to the uncoated Al2O3 filter where the white
particles disappear in the white background. Secondly, a clear enhancement of
Raman signal intensity is observed on the coated filters. Measurement from the
Al2O3 filter (uncoated) results in noisy and weak signals while on occasion a
decent spectrum is recorded. The Pt-coated filter gives a clear signal repeatedly.

The problem of not being able to detect the particles from the microscope
image is known and efforts have been made to improve their visibility. In
the context of nanoplastic research, Yang et al.40 reported that only parti-
cles larger than 500 nm could be optically resolved using their AgNW-based
SERS-substrates, while Chang et al.27 reported that only particles larger than
800 nm were visually detected using their nanowell SERS-substrates. Even
when using commercial Klarite substrate as background, it has been reported
that plastic particles below 1 µm are challenging to distinguish directly from the
microscopic image.30 In all these studies, rough surfaces were used as SERS-
substrates, which can complicate the recognition of small particles. However,
even against smooth surfaces, small plastic particles can be difficult to detect,
if there is not enough contrast difference between the particles and the back-
ground. Oßmann et al.41 reported that colorless 1 µm PS particles were difficult
to detect against white PC membrane both under white light and dark-field il-
lumination. In their work, the PS particles turned clearly visible only under
dark-field illumination after they were deposited on to black or metal coated
PC-membrane. Here, owing to the improved contrast between the Pt-coated
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Figure 3: The left column shows microscope images from the 500 nm polystyrene
nanoparticles on the tested filter surfaces: uncoated Al2O3 (above), and plat-
inum coated Al2O3 (below). Next to the microscope images are three Raman
spectra recorded from the polystyrene nanoparticles on that filter surface.

background, 500 nm PS spheres are easily detected from the Pt-coated filter sur-
face under standard reflected white light illumination. As a result, the Raman
spectra of individual nanoplastics can be acquired using point measurements
thus no highly time-consuming Raman mapping is needed.

3.3 Demonstration with seawater-nanoplastic mixture
Next, the developed chemical digestion was used together with the SERS-
activated-membrane-filter. The whole protocol is schematically shown in Figure
4. In brief, the seawater is filtered through a 200 nm pore size PC filter which
is then digested in H2O2, NaOH, and HCl. The H2O2 and NaOH are filtered
out using PC filters but the SERS-active Al2O3/Pt-filter is used to filter out
the HCl, thus allowing for the imaging of nanoplastics directly from this filter.

The method was tested with a mixture of seawater and nanoplastics fabri-
cated in the laboratory from consumer products according to Hadri et al.33 We
chose to test the method with environmentally relevant concentrations at 53±8
µg/l. This concentration falls within the reported range of nanoplastics con-
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Figure 4: A scheme depicting the developed process for identifying and obtaining
high magnification images from nanoplastics contained in seawater.

centrations in the environment, which can vary from 4.5 µg/l to 563 µg/l.42, 43

Figure 5 shows the Al2O3/Pt-filter surface after the plastic-seawater mixture
has gone through the digestion protocol. Individual particles can be seen on
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Figure 5: The optical microscope image (connected to Raman) above shows the
plastics collected onto the Al2O3/Pt-filter surface after the sample was treated
according to the developed protocol. The electron microscope images below
show the smallest particles that were identified as polystyrene according to their
Raman spectrum.

the filter surface and be tested whether they are plastic or not using Raman
spectroscopy. Our digestion protocol has limitations, which will be discussed in
more detail later. Consequently, other particles, such as sand, are also present
on the filter surface. However, two smallest objects in this frame (Figure 5)
that were identified as plastics based on their Raman spectrum (given in Figure
6) has been marked into the image. The spectra from the nanoplastics are in
good accordance with spectrum measured from the original material from which
the nanoplastics were prepared. It appears that the purification protocol does
not damage or alter the chemical fingerprint of the nanoplastics. Moreover we
haven’t observed any alteration in the morphology of the nanoplastics after the
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Figure 6: The figure shows Raman spectra (with blue) from particles 1 and 2
that were presented in Figure 5. The spectra are compared to a spectrum (with
orange) that was recorded from the original large piece of plastic from which
the nanoplastics were made.

processing compared to before processing (SEM images provided in Supporting
Information Figure S4). Owing to sufficient purification, the objects could be
identified using fast point measurements from individual particles rather than
time consuming Raman mapping. For correlative Raman-electron microscope
imaging, the coordinates of the particles on the filter are marked (at the Raman
instrument), and then located again with the SEM. The size of the two smallest
identified plastics in the presented frame were 1092 nm x 780 nm and 936 nm x
640 nm for particles 1 and 2, respectively (the measured distances are marked
in Supporting Information Figure S5).

While we can identify individual particles, we also notice the presence of par-
ticle clusters or aggregates. Obviously, the clusters complicate Raman spectrum
acquisition as we operate at the limit of the optical resolution of the Raman mi-
croscope. SEM combined with EDS was used to provide further verification
of particle composition. According to the EDS maps, particle 1 in Figure 7
is confirmed to be carbon, which, along with the Raman spectra provided in
Supporting Information Figure S6, indicates that it is plastic. The size of it is
786 nm x 462 nm. In fact, it appears that the plastic particle itself is a cluster
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Figure 7: A cluster of three particles imaged with optical microscope (left), and
with both overlaid and individual element maps (right).

of four or more smaller plastic particles. Particles 2 and 3 are made of silicon
and oxygen suggesting they are sand (SiO2). The particles other than plastic
still present in the sample after purification are discussed in detail later in the
text.

Many of the current nanoplastic extraction protocols presented in the litera-
ture rely on minimal sample preparation prior analysis limiting the sample size
to a drop due to disturbances caused by the organic and inorganic matter in
the sample. The Raman tweezers26 technique can detect nanoplastic particles
from 10 µl of seawater cast between two microscope slides, however, no elec-
tron microscope images can be correlated with the detected particles due to the
encapsulation.

In fact, only a few works that demonstrate SEM imaging of nanoplastics
from within environmental samples exist. Aggregating several nanoplastic par-
ticles into a cluster together with silver nanoparticles to create the SERS-effect
has been suggested. Electron microscope images from the clusters were suc-
cessfully provided.28, 44 Chang et al.27 were able to find single particles rather
than clusters using Raman mapping and subsequently imaging them with SEM.
However, their sample size was, as well, limited to 10 µl and the difficulty of
analyzing an environmental sample was acknowledged. Xu et al.30 were able
to detect nanoplastic particles from air samples which they had digested in
H2O2. They could image individual particles using correlative Raman and elec-
tron microscopy. However, as we have demonstrated, seawater is more compli-
cated matrix than air and thus requires further purification and filtration steps.
Therefore, as far as we know, we propose the first method to detect nanoplastic
particles microscopically from seawater from a substantially larger sample size
(1 liter) than previously demonstrated (10 µl).

The main shortcomings of the method, as already pointed out, include occa-
sional identification of particles other than plastic and the formation of aggre-
gates, small or large. Figure 8 shows element maps of two aggregates present in
the sample obtained using the EDS (the spectra measured at locations 1–4 are
given in the Supporting Information Figure S7). Carbon in the maps is marked
with blue and thus is the polystyrene. The spectrum collected at location (3)
indicates the presence of mainly C. The composition of the particles similar to
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Figure 8: Two examples of clusters detected in the sample after purification.
Plastics are marked with blue (carbon), sand and clay are marked with orange
(Si, O, Na) and red (Si, O, Mg). Platinum is marked with green.

locations 1 and 2 appears to be silicon oxides with Na and Mg, corresponding to
beach sand and clay from the sample collection site. Some Pt-coated spherical
aluminium oxide particles were also observed, as indicated by the spectrum ob-
tained from location (4), suggesting their presence on the filter disc before the
Pt coating. Figure 8B shows another type of contaminant with same composi-
tion as at location 4, which are the small granular clusters colored with green
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(Pt) in the map. They as well are present on the filter surface fresh from the
pack (for images see Supporting Information Figure S8). In SERS activation,
the clusters are coated with Pt, and apparently breaking off from the filter disc
and aggregating with the plastic and sand particles during the filtration process.

In the herein described purification method the water samples were let to
settle (in dark and at 3 ◦C) during which time most of the sand precipitated on
the bottom of the flask. It appears that this wasn’t sufficient to remove all the
sand. We know from microplastic literature that density separation using heavy
liquids can be used to remove sand and other sediment material from samples.45

Because of the colloidal nature of nanoplastics, density separation methods are
more challenging to apply, but possible if centrifugation is used.46 Another way
to remedy the issue would be to collect samples from deeper waters further away
from the shore where there is less sand mixed with the water. Thus addition
of heavy liquid separation or any other additional purification steps should be
considered depending on the water type at the sample collection site.

Despite the limitations, as we have demonstrated, nanoplastic particles can
be detected to a reasonable degree from seawater samples. To quantify the
efficacy of our process we measured its particle recovery rate i.e. how many
percent of added test particles can be recovered after the processing. To estab-
lish a universally applicable reference that is both replicable and enables reliable
comparisons with other methods, we determined the recovery rate of the process
using ultrapure water (Milli-Q) instead of environmental water. Environmental
water sources will exhibit variations based on factors such as type (seawater,
lake, river, etc.), time of the year, and location. Recovery rates in environmental
water are expected to fall below that of what is measured in ultrapure water
due to more complicated medium.

To calculate the recovery rate, minimum and maximum dimension of a plas-
tic particle was measured (see Supporting Information Figure S2 for an example
image), and the recovery rate is thus reported as a function of both dimensions.
The results are presented in Figure 9. The average efficiency for particles having
maximum dimension between 200-1000 nm is 5.5 %. No smaller than 200 nm
particles are recovered as the filter pore size was 200 nm. The average recovery
rate for particles having their minimum dimension between 100 – 1000 nm is
8.6 %. A clear general trend is observed, where larger particles are recovered
more efficiently than smaller ones.

Recovery rates for nanoplastics analyzed using mass-spectrometry based
method range from 12.7 up to 100 %.47 Surprisingly, we found no previous
literature for comparing our recovery rates calculated from microscope images.
That said, Hu et al.44 reported a recovery rate of 87.5–110%, contrasting sig-
nificantly with our results. Unfortunately, they did not provide a description of
how the values were measured, making a proper evaluation between the methods
difficult.

While we targeted nanoplastics in this study, the microplastic collection ef-
ficiency was determined as well. Again, similar trend as for nanoplastics was
observed. The average recovery rate for plastics being at most 1-10 µm in di-
mension was 36.6 %, and when calculated according to the minimum dimension
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we got 47.8 %. Tabulated values for recovery rates plotted in Figure 9 are given
in Supporting Information Table S1 and S2. In comparison with prior studies,
Du et al.48 reported a 7 % recovery rate for small microplastics in the 1 – 20
µm range. Our study clearly exceeds this reported rate. In fact, it appears that
our recovery rate at around 10 µm approaches that what is typically reported
for microplastics (< 5 mm) in water, which according to a recent review is on
average 82 % for low density polymers such as PS.49

Figure 9: Recovery rates for nanoplastics (left) and microplastics (right). Two
graphs are shown per figure: one as a function of particle’s largest dimension
(max), and the other as a function of its smallest dimension (min).

Background contamination of our laboratory and the contamination arising
from the process itself was monitored during the test period. Level of con-
tamination was measured by calculating particles from a control sample which
was 1 liter of ultrapure water (Milli-Q) processed with the method described in
this paper. The most notable type of contamination is polycarbonate particles
which we expect to arise from the polycarbonate filters that were used. The
PC contamination was 123 particles / 1 mm2, which is 10 times smaller than
the recovered PS concentration (1082/mm2). Moreover, PC doesn’t belong in
the most common plastics, thus its presence doesn’t hamper the environmental
analyses that target the PP, PET, PE. Other plastics in the laboratory equip-
ment used in the process were teflon (filter grid holder and the support grid for
the filters) and PP (support ring around Al2O3 filters), however teflon and PP
were not detected in control samples.

Contamination not relating to the process but expected to be our labora-
tory specific were cellulose50 (most likely from paper wipes), graphite51 and the
blue pigment copper phthalocyanine52 based on their Raman spectra (given in
Supporting Information Figure S9). As they are not plastics, their presence
doesn’t hamper the plastic analyses. Each laboratory is expected to have their
own specific background contamination, and obviously efforts should be made
to minimize it. Fortunately, as long as the contamination does not involve plas-
tic, it does not significantly impede the analyses, except for the additional time
required to measure extra particles.
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4 Conclusions
In this work we presented a method which would allow the identification and
production of high magnification images of nanoplastics from 1 liter of seawater
using Raman and electron microscopy. We conclude that we have succeeded
to increase the sample size from the common sample of some microliters up
to one liter of actual seawater. How much water is enough to make a reliable
nanoplastic analysis is yet to be determined. However, these results should
open up new possibilities for researchers, and pave the way towards accurate
analytical protocol for nanoplastic detection.
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