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Abstract 

Cell membranes are incredibly complex environments containing hundreds of components. 

Despite substantial advances in the past decade, fundamental questions related to lipid-lipid 

interactions and heterogeneity persist. This review explores the complexity of lipid membranes, 

showcasing recent advances in vibrational spectroscopy to characterize the structure, dynamics, 

and interactions at the membrane interface. We include an overview of modern techniques such as 

surface-enhanced infrared spectroscopy (SEIRAS) as a steady-state technique with single-bilayer 

sensitivity, two-dimensional sum-frequency generation (2D SFG) spectroscopy, and two-

dimensional infrared (2D IR) spectroscopy to measure time-evolving structures and dynamics with 

femtosecond time resolution. Furthermore, we discuss the potential of multiscale MD simulations, 

focusing on recently developed simulation algorithms which have emerged as a powerful approach 

to interpret complex spectra. We highlight persistent challenges in accurately sampling 

heterogeneous ensembles in multicomponent membranes. Overall, this review provides an up-to-
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date comprehensive overview of the powerful combination of vibrational spectroscopy and 

simulations to illuminate lipid-lipid, lipid-protein, and lipid-water interactions in the intricate 

conformational landscape of cell membranes. 

 

1. Introduction 

A century of membrane models 

Order and structure at every length scale is one of the hallmarks of biology. Lipid membranes 

provide molecular-scale barriers that compartmentalize a cell’s internal components as well as 

separate the delicate machinery of the cell from its surroundings. Their structure and physical, 

chemical, and mechanical properties, support the multiple roles of membranes, including as a 

physical barrier to support concentration gradients in energy production, as well as signaling, 

sensing, and transport (1–6). While the biochemical properties of membranes were relatively well 

established in early studies, structure and composition were difficult to characterize, mainly due 

to a lack of experimental techniques that could provide molecular-level structure, a task that 

remains challenging to this day. The original “bilayer” idea was first proposed in 1925, based on 

area-per-lipid measurements of compositions extracted from mammalian cells (7, 8). Later, in the 

mid 1930’s, Davson and Danielli proposed the first molecular model that incorporated proteins as 

part of the plasma membrane (9). The model was informed by early measurements of differential 

permeabilities, electron microscopy, thermodynamic property such as phase transition temperature, 

and, at the time new, X-ray investigation of protein crystals which showed dense cores solvated 

by water (10). Since proteins were known to be solvated by water at the time, a sandwich-like 

structure was proposed (Figure 1, left). In this model, a porous “protein film” would be located 

above and below the bilayer. While this model is too crude by current standards, it incorporates 
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some key elements that we associate with cell membranes. In addition, despite the crude models, 

the importance of hydrogen bonding and lipid-lipid interactions was recognized early on, and 

infrared spectroscopy, among other techniques, played an important role in supporting a dynamic 

fluid-like bilayer view that we still associate with cell membranes today (11, 12). 

 

Figure 1. Development of lipid models from 1930’s to 2020’s. The Davson and Danielli protein 
sandwich model (9), the Singer and Nicolson fluid-mosaic model (13), and the current view of cell 
membranes are illustrated from left to right. Individual components are indicated in the legend. 

 

The more influential “fluid-mosaic model” was developed in the 1970’s by Singer and Nicolson 

(Figure 1, middle) (13). Within this picture, membrane proteins are arranged in oriented 

amphipathic structures partially embedded within the phospholipid matrix, which is organized as 

a continuous “fluid” bilayer. This was based on X-ray crystallography, freeze-fracture electron 

microscopy, bulk thermodynamic measurements, and other biochemical studies. While this model 

has obvious limitations, the basic concept of transmembrane proteins embedded within the bulk 

bilayer is sufficient to explain many observations, and thus, the fluid-mosaic model remains 
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currently relevant as a qualitative description of the local membrane environment (14). Initial 

studies using infrared spectroscopy played, perhaps the most important role, in establishing that 

the lipids are characterized by liquid-like environments, despite having solid-like properties at the 

macroscopic scale (15, 16). These measurements informed the “fluid” character of the supporting 

lipids in the fluid-mosaic model, suggesting a dynamic bilayer environment.  

Nanometer-scale order, compartmentalization, and heterogeneity make lipid membranes 

significantly richer in complexity compared to previous models (Figure 1, right). Modern models 

incorporate compositions containing a huge diversity of components, as observed in modern 

lipidomic analyses (17–19). One key aspect of modern lipid membrane models is the presence of 

compartmentalized domains with distinct lipid and protein compositions, referred to as “lipid rafts” 

that have been observed in artificial and biological membranes. There are clear implications to 

biological functions that result from colocalizing proteins, as well as modulating the local 

environment around certain proteins (20–22). Rafts have remained a topic of discussion for over a 

decade, and this stems mainly from the difficulty in experimentally characterizing their nanometer-

scale structure and composition with current techniques. In addition, the concept of rafts rests on 

the idea of stable domains enriched in certain lipids. Experiments and simulations currently 

support a more nuanced picture than the lipid raft model, suggesting the formation of dynamic 

multicomponent local environments that results in transient interactions with specific lipid species, 

termed the “functional paralipidome” (22). While transient changes in local membrane 

composition can influence the protein conformational landscape, the molecular mechanisms 

connecting environments with protein modulation are not understood. While techniques such as 

cryo-EM have revolutionized the field of membrane structural biology, measuring lipid 

heterogeneity remains extremely difficult, due to a lack of techniques that provide species-specific 
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local environments. Beyond structural measures, there is virtually no time-resolved measurement 

that can serve to understand the coupling between protein and lipid dynamics across timescales 

(23, 24). 

What is missing from the current picture? 

While current membrane models include detailed descriptions, one fundamental aspect that 

remains underexplored is physical chemistry of membranes with biological compositions, which 

typically contain hundreds to thousands of lipid species when considering the diversity in 

headgroups and acyl chain structures. Why so many lipids? This question remains largely 

unresolved since biochemical approaches to addressing this question have provided mainly 

indirect information, and the complex interplay between local lipid composition and membrane 

protein topology as well as colocalization can be particularly complex (25, 26). The fundamental 

interactions are well understood: headgroup dipole-dipole interactions, hydrogen bonding between 

headgroups and with interfacial water, tail packing, and steric effects. Recent techniques and 

experiments, described below, have begun to shed light on the interplay between acyl chain 

composition and general trends in membrane protein topologies, but fundamental questions remain 

unaddressed. Specific questions include: how the balance of forces between lipid-lipid, lipid-

protein, and lipid-water interactions, together with packing, dictates the local membrane 

environment in membranes containing thousands of lipids. Figure 2 shows a schematic 

representation of different lipid structures to emphasize on the diversity in headgroup structures 

and highlight hydrogen-bond donors and acceptors, and the steric size of the headgroup, as well 

as positive and negative charges associated with different functional groups. In brief, this depiction 

stresses the complex hydrogen bonding interactions present in multicomponent membranes. The 

main challenges to achieving a molecular-level understanding stem largely from the lack of well-
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controlled model systems that incorporate lipid diversity and a range of local interactions, which 

can be combined with the dearth of experimental techniques to probe species-specific interactions, 

molecular conformations, and local environments in multicomponent bilayers. 

 

Figure 2. Cartoon structures of common lipids in eukaryotic cells. The structures highlight the 
complexity in the headgroup structures in terms of charges as well as the number of hydrogen-
bond donor and acceptor groups. The hydrophobic acyl chains are depicted in yellow, and the 
headgroup moieties are represented by colors and shapes based on the charge and their ability to 
donate and accept hydrogen bonds.  
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What is the outlook? 

Developing quantitative models of intermolecular interactions within membrane components is 

crucial for establishing a general set of mechanistic principles that govern the coupling between 

environments and protein functions. Key questions that need to be addressed include the balance 

of forces stabilizing local lipidic environments around transmembrane proteins, the role of 

lipid-protein interactions in determining protein structure and stability, and the direct implications 

for protein function regulation. Formulating hypotheses remains challenging due to insufficient 

molecular information and the complexity of lipid-protein interactions. To advance beyond 

oversimplified membrane models requires new experimental approaches. Time-resolved and 

high-sensitivity vibrational spectroscopic methods discussed in this review show potential for 

providing molecular-level insights into these issues, revealing critical details about the structural 

and dynamic aspects of the interactions. In particular, the combination of time-resolved vibrational 

spectroscopy and molecular dynamics simulations is perfectly suited for investigating structure 

and dynamics at the interface over a range of timescales from picoseconds to milliseconds. These 

new approaches can help arrive at a comprehensive, molecular-level understanding of the interface, 

uncovering the impacts of interplay between lipid environments and proteins on associated 

functionality and biological processes. In the remainder of this review, we summarize the recent 

developments in ultrafast spectroscopies of model membranes, discuss the strengths and 

weaknesses of each approach, and provide some specific examples from recent research. 

 

2. Vibrational Spectroscopy as a Probe of Membrane Structure and Heterogeneity 

Vibrational spectroscopy is a powerful technique to measure conformational ensembles and local 

environments in complex membranes as vibrational frequencies are highly sensitive to molecular 
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structure, molecular interactions, and local environments. The main challenge in using vibrational 

spectroscopy lies in the interpretation of spectra within heterogeneous biological mixtures, as 

overlapping peaks produce ultra-congested lineshapes that obscure many features. As a result, at 

present model bilayers such as small unilamellar vesicles, which topologically resemble the most 

fundamental structures of cell membranes, are commonly used as model systems for membrane 

spectroscopy (27–29). Lipid molecules contain several intrinsic vibrational probes that report on 

the interfacial interactions and other local environments (Figure 3). The O-H stretch of water is a 

useful vibrational probe given its ability to probe the extended hydrogen-bond networks in water 

(30–32). Furthermore, both the phospholipid headgroups and alkyls can serve as sensitive 

vibrational probes reporting on specific regions of the bilayer. For example, the phosphate P-O 

stretching modes are useful for investigating the headgroup hydration, orientations, and lipid-lipid 

interactions (33–35). Interpreting vibrational lineshapes for phosphate groups can be challenging 

since the region is congested by the partial overlap among symmetric PO2
-, asymmetric PO2

-, and 

R-O-P-O-R’ stretching modes. Additionally, the ester carbonyls are excellent reporters with well-

known characteristics for interfacial hydration, interfacial dynamics, and lipid-protein interactions 

(27, 28, 35–37). The amide groups of proteins are also strong IR probes for protein structure and 

local environments (36, 38, 39). Given the rich molecular information derived from vibrational 

spectroscopy, many IR-based techniques including time-resolved methods have been used to 

investigate membranes and membrane proteins.  
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Figure 3. Illustration of common vibrational probes in lipid membranes. Top: Cartoon of a lipid 
bilayer section with a bound helical peptide (green) showing the different vibrational probes. 
Carbon, oxygen, nitrogen, and phosphate atoms are colored as gray, red, blue, and orange, 
respectively. Interfacial water molecules are shown in translucent blue. The approximate 
frequency of each probe is shown below the corresponding chemical structure. Bottom: FTIR 
spectrum of a dried 1,2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC) lipid film measured 
under ambient conditions. The shaded areas indicate the frequency regions of the phosphate 
stretching mode (green), -OH bending mode (blue), amide I stretching mode (blue), ester carbonyl 
stretching mode (purple), -CH2- stretching mode (yellow), and -OH stretching mode (brown). The 
horizontal axis is frequency in cm-1, and the vertical axis represents the IR absorbance in arbitrary 
units. The absorbances across different regions are scaled for clarity. 
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2.1. Membrane Structure Characterized by IR Spectroscopy 

Infrared techniques, such as Fourier-transform infrared spectroscopy (FTIR) can be used to 

measure the lineshapes associated with the different vibrational modes in the samples. Figure 3 

(lower panel) shows an annotated example of an FTIR spectrum with the vibrational modes from 

phospholipid headgroup, ester linkage, acyl chain, and water molecule across a broad spectral 

range from 1000 to 4000 cm-1. The center frequencies and lineshapes of vibrational modes in IR 

spectra provide molecular information about the phase of the membrane as described by the 

ordering of the acyl chains, interfacial hydrogen bond networks of water reported by the -OH 

vibrational mode, and lipid hydration by phosphate headgroup and ester linkage (40–42). 

The ester carbonyl stretching mode spans a region between 1725 and 1740 cm-1 depending on the 

lipid conformation and interfacial hydration level. In solution, the infrared lineshape of lipid ester 

carbonyl is broad and asymmetric due to the presence of two hydrogen-bonding species: carbonyls 

with no hydrogen bond and carbonyls with a single hydrogen bond. Abundant lipid species such 

as phosphatidylcholines (PC) do not contain hydrogen bond donors, and thus, any hydrogen bonds 

are with interfacial water molecules. Deconvolving the measured lineshape using peak models can 

quantify the hydrogen-bond populations at the water-lipid interface, thereby providing insights 

into water penetration into the interfacial region, carbonyl orientations, and interactions with the 

aqueous environment. As an example, an FTIR spectrum of 

1-palmitoyl-2-oleoyl-sn-glycero-3-phospho-L-serine (POPS) and 

1,2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC) at a 1 to 9 molar ratio is shown in Figure 

4. The ester carbonyl stretching region exhibits an asymmetric IR lineshape described by two 

overlapping peaks corresponding to two distinct hydrogen-bonded carbonyl species: zero 

hydrogen bond (0HB) and one hydrogen bond (1HB). The 1HB peak position is red-shifted by 
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approximately 15 cm-1 from the 0HB peak position as a result of the induced electric field by the 

partial positive charge on the hydrogen atom (43). Fitting the FTIR spectrum with two Gaussian 

profiles can help quantify the 0HB and 1HB populations, which involves computing the peak areas 

from Gaussian fittings and determining the relative extinction coefficients of the two 

hydrogen-bonding species (44). Quantifying hydrogen bond populations is critical for 

characterizing water penetration, lipid-water interfaces, and lipid packing efficiency. This quantity 

can also be compared with molecular dynamics simulations, allowing for a direct and one-to-one 

connection between experiments and simulations. 

 
Figure 4. Example FTIR spectrum for phosphatidylserine (POPS): phosphatidylcholine (DMPC) 
vesicles at a 1:9 ratio in MOPS buffer in D2O, with an illustration of two hydrogen-bonding species 
in a lipid. Left: Spectrum was fitted with two Gaussian profiles (1HB in yellow and 0HB in green). 
Dotted and solid lines show the experimental spectrum and the Gaussian fit spectrum, respectively. 
Right: Illustration of a PC lipid with one carbonyl hydrogen-bonded to a water molecule (1HB) 
shown in slate blue spheres, and the other without hydrogen bond. Hydrogen atoms in the lipid are 
omitted for clarity. Carbon, oxygen, nitrogen, and phosphate atoms are colored as gray, red, blue, 
and orange, respectively. 

 

Measuring spectra with well-defined compositions, including those lipids shown in Figure 2, 

enables researchers to examine each component's influence on the interfacial properties of model 
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systems. Furthermore, temperature-dependent FTIR spectra are useful for investigating lipid phase 

transitions, and determining enthalpies and entropies associated with hydrogen bond formation 

(45). In addition to the ester carbonyl stretch, other vibrational modes also provide information 

about interfacial environments, morphologies, and local interactions. For example, a redshift 

in -CH2- stretching peaks indicates more ordered acyl chains, as, for example, in the gel phase (46). 

Thus, this spectral region can be used to track phase transitions in model bilayers. It is important 

to note that probing intrinsic vibrational modes yields an ensemble-averaged view across 

oscillators. For instance, the hydrogen-bond number obtained from FTIR spectrum of 

POPS:DMPC represents the average number for all ester groups in both lipid species, and 

hydrogen bonds formed specifically with POPS cannot be differentiated from those with DMPC. 

Consequently, if an altered composition in lipid vesicles has a low concentration or weak signal, 

discerning the changes in lineshapes solely based on linear IR spectra becomes challenging. 

Isotope-label is a good approach to isolate the contributions from different lipid compositions and 

investigate the effects of individual components. For instance, the ester carbonyl groups of PC can 

be isotope-edited by 13C, which gives rise to a red-shifted carbonyl stretch 40 cm-1 away from the 

carbonyl stretch of unlabeled PS (47). As a result, the effects of PC or PS can be studied separately, 

though the method is limited to investigating species with relatively high concentrations. 

2.2. Transient Interactions in Lipid Membranes 

Static spectra offer ensemble-averaged structural views of equilibrium conformations. Obtaining 

a more complete view of membranes requires measuring local environments and interactions, 

specifically molecular motions on sub-picosecond timescales. These measurements require 

ultrafast time-resolved spectroscopies such as two-dimensional infrared (2D IR) spectroscopy and 

two-dimensional sum-frequency generation (2D SFG) spectroscopy, which have become valuable 
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tools for detecting and characterizing dynamic processes in biological systems, due to the ability 

to combine molecular information with high time resolution.  

Structure and Dynamics by 2D IR Spectroscopy 

2D IR spectroscopy uses three ultrafast pulses, two pump pulses and one probe pulse, each with a 

temporal width of approximately 100 fs. The absorbance in 2D IR spectroscopy is correlated with 

the peak intensity of three laser pulses, thus improving its capability in detecting weak signals and 

discerning small changes in the IR lineshape. In 2D IR spectra (Figure 5, left), the horizontal and 

vertical axes represent the pump and probe frequencies, respectively. The positive peaks (red 

contours) correspond to the transition between ground and first-excited states, known as the ground 

state bleach (GSB). The negative peaks (blue contours) denote the vibrational transition between 

first- and second-excited state, namely the excited state absorption (ESA). The frequency of ESA 

is downshifted from GSB due to the anharmonicity of oscillation. The spectral widths of contoured 

peaks along the diagonal and antidiagonal of 2D IR spectra report on the inhomogeneous and 

homogeneous broadening mechanisms. Overall, the 2D lineshapes report on the distribution of 

local environments and their fluctuations (48, 49). 

 

Figure 5. Example 2D IR spectra and dynamics analysis for POPS:DMPC vesicles at a 1:9 molar 
ratio in MOPS buffer in D2O. Left: 2D IR spectra at selected waiting times: 0.15 and 4.0 ps. The 
solid black line represents the diagonal where pump and probe frequencies are equal. Dotted white 
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line spanning the ridge of maximum intensity indicates center lines. Right: Dynamics analysis of 
time-dependent 2D IR spectra by center line slope (CLS) method. The slopes versus waiting time 
t2 is fitted with a single exponential decay, where the decay constant from fitting is 1.06 ± 0.07 ps. 

 

Dynamics of local environments surrounding the IR probes can be detected on a sub-picosecond 

timescale by varying the delay between pump and probe pulses (t2). In 2D IR spectra, peaks are 

elongated along the diagonal at early waiting time and become rounder at late waiting time as 

pump and probe frequencies gradually decorrelate due to the frequency fluctuations when 

ensembles initially excited at a given frequency become randomized. This process is referred to as 

spectral diffusion. In essence, waiting-time-dependent 2D IR spectra measure the 

frequency-frequency correlation function (FFCF) of each vibrational probe within the system (48, 

50, 51). The frequency decorrelation times, encoded within the 2D lineshapes, can be extracted 

using numerical analysis methods such as center line slope (52),  nodal line slope (53, 54), 

ellipticity parameter (55), or fitting to a model response function (56, 57). 

Compared to FTIR spectra, 2D IR spectra spread the information onto two frequency axes, which 

not only capture additional structural information through the 2D lineshapes and cross-peak 

intensities, but also access local environments around vibrational probes by the evolution of the 

lineshapes as a function of pump-probe delay (36, 58, 59). In addition, while FTIR spectra require 

measuring a separate background of the buffer solution for subtraction, 2D IR spectra are often 

measured without a separate background. This is because, in water, the low oscillator strengths of 

the solvent vibrations and broad lineshapes naturally suppress the background, thus removing the 

necessity of background subtraction. Furthermore, given the narrow lineshapes in 2D IR spectra, 

small differences that can be difficult to observe in FTIR spectra are often easier to analyze in the 

corresponding 2D IR spectra, as such, it is often useful to extract a corresponding “1D” spectrum 
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from a 2D IR spectrum  (60, 61). Recently, a robust method for extracting IR lineshape is the pump 

slice amplitude (PSA), which calculates the difference between the maxima and minima across a 

series of pump-axis slices through the 2D IR spectrum (62). The PSA method produces lineshapes 

comparable to FTIR spectra of the same system but with the advantages of eliminating artifacts 

due to anharmonicity and suppressing the background. 

Examples of 2D IR spectra and lineshape analysis for POPS:DMPC at a 1:9 molar ratio are 

depicted in Figure 5. The left panel displays the 2D IR spectra in the ester carbonyl region at early 

(0.15 ps) and late (4.0 ps) waiting times. The signal is centered at approximately 

1740 cm-1, consistent with the FTIR spectrum (Figure 4). The broad band along the diagonal 

originates from the two hydrogen-bonding species (0HB and 1HB), as described previously 

(Figure 4), with 1HB red-shifted by approximately 15 cm-1. The evolution of the lineshapes as a 

function of waiting time (t2) is used to extract the dynamics of the local environments around lipid 

ester carbonyl groups. In Figure 5, we provide an example of 2D lineshape analysis using the 

center line slope (CLS) method (63). In brief, CLS is the slope of the line connecting the maxima 

of peaks, which are a series of cuts through the 2D spectrum parallel to the pump frequency axis. 

CLS decays indicate the loss of frequency correlation. In the right panel of Figure 5, CLS for a 

lipid vesicle sample is calculated and plotted versus waiting time up to 5 ps. Since CLS decay 

measures the FFCF decay (�����), it can be represented by the following equation using the 

standard Bloch model (48):  

����� = 〈�	�����	�0�〉 =
�����

��
+ ∆��

�
��
�� + Δ�

� , 

where �	���, ∆�, �� and Δ�
�  is the frequency fluctuation at time �, the amplitude of frequency 

fluctuations, decay constant, and the static inhomogeneity components, respectively. ��  is the 
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constant giving rise to the homogeneous width and �� is the waiting time between pump and probe 

pulses. The FFCF decay constant for the ester carbonyl stretch is determined to be approximately 

1.07 ps for the 1:9 POPS:DMPC vesicles.  

In membranes, the interfacial hydrogen bond network is disrupted due to interactions with the lipid 

headgroups and imbalance of donors and acceptors. In bulk water, the hydrogen bond dynamics 

are as fast as hundreds of femtoseconds (32, 64), but the dynamics become slower at the interface 

as a few picoseconds. In general, disordered water networks exhibit slower reorganization 

dynamics because the hydrogen bond switching process is a concerted process involving multiple 

water molecules (36, 64). However, since the spectrum measures frequency fluctuations, not only 

hydrogen bond switching, but also local fluctuations in hydrogen bond distances and angles 

significantly contribute to the measured loss in frequency correlation (29, 65). Measured dynamics 

from 2D IR can indicate the changes of water networks at the lipid-water interface and hence the 

effects of variables such as membrane composition, crowding, or interfacial localization of ions. 

Here we show an example of how ester carbonyl 2D IR provides direct access to environment and 

dynamics at the lipid-water interface. It is important to emphasize that while 2D IR spectroscopy 

is not a surface-specific technique, the vibrational reporters are located precisely at the ~1 nm 

interface between the hydrophobic acyl chain region and bulk-like water beyond the headgroup 

region, and thus the measurements provide interfacial information. There are multiple avenues for 

applying 2D IR spectroscopy to understand how headgroup composition and lipid-lipid 

interactions determine the interfacial environments, contributing to a more complete 

understanding of membranes, ranging from the effects of headgroup charges (57) or ion 

localization (66), to the effects of transmembrane crowding on interfacial water networks (67). 
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Interfacial Environment by SFG spectroscopy 

The membrane interaction with its environment is crucial for membrane function and stability. 2D 

IR can detect the local environment of the lipid interface by probing the frequency fluctuations of 

lipid ester carbonyl groups, where the lineshape and dynamics of 2D IR spectra are correlated with 

the water network at the interface. However, direct detection of the interfacial environment around 

the cell membrane can be difficult to perform with 2D IR, as the bulk water dominates the final 

signal, it is not possible to measure the interface-specific signals. Thus, a technique with interface 

selectivity is essential for isolating interfacial waters and measuring specific interactions involving 

waters at the membrane interface. 

 

Figure 6. Diagram of 2D SFG configuration for measuring interfacial water molecules with a lipid 
monolayer at the air-water interface. A “pump” beam (red) is introduced to resolve the excitation 
frequency. The other two input beams, green for visible light and pink for IR, act as the “probe”. 
The output signal (gray blue) is generated at the sum frequency of visible and IR wavelengths. A 
local oscillator (yellow) is introduced for heterodyned detection to resolve phase information. 

 

One-dimensional SFG, developed in the last 30 years, provides access to ensemble-averaged local 

environments at the interface, including dipole orientation, and specific hydrogen-bond networks, 
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though heterodyne-detection needs to be incorporated to obtain an unambiguous measure of the 

vibrational response (68). The SFG method uses a narrowband visible pulse combined with a 

broadband IR pulse, which generates an output signal at the sum frequency of two input pulses if 

vibrational probes in the system resonant with the IR pulse. The output SFG pulse is mixed with a 

local oscillator to deconvolve the phase information. Two-dimensional vibrational sum-frequency 

generation (2D SFG) spectroscopy, which incorporates additional pulses to resolve dynamics, has 

advanced significantly over the past five years, becoming a powerful tool to investigate interfacial 

dynamics of membranes (69). An IR pump pulse is implemented in SFG to provide a 

frequency-resolved excitation axis, similar to the pump axis in 2D IR spectroscopy. 2D SFG can 

be interpreted as a frequency-resolved IR “pump” and SFG “probe” technique. 2D SFG has the 

advantage of high selectivity towards interfacial regions with anisotropic molecular orientations, 

inherent to second-order nonlinear optical processes (70). To avoid the interference of multiple 

interfaces, a monolayer at the air-water interface is usually prepared (Figure 6) (36, 71). Using 2D 

SFG, the dynamics of the hydrogen-bonded and free -OH stretches of water are probed through 

characteristic peaks in the region of 3200 to 3700 cm-1, providing direct access to the hydrogen 

bond networks of water within the first few solvation shells around the lipid headgroups. 

2D SFG has been recently used to measure interfacial water dynamics for the negatively charged 

lipid, 1,2-dipalmitoyl-sn-glycero-3-phosphoglycerol (DPPG), versus the positively charged 

surfactant, 1,2-dipalmitoyl-3-trimethylammonium-propane (DPTAP) (72). The lipid monolayers 

are prepared on isotopically diluted water, where the -OH stretch of HOD gives rise to the majority 

of SFG signal in the -OH stretching region. Interestingly, steady-state SFG spectra of DPPG and 

DPTAP show opposite signs (Figure 7a-b), indicating the opposite net orientation of interfacial 

water due to the negatively and positively charged lipid headgroups. However, the peak position 
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and lineshape in the SFG spectra are similar for DPPG and DPTAP, demonstrating the similar 

hydrogen bond environment, despite the opposite charges. 

 

Figure 7. Heterodyne-detected SFG and 2D SFG spectra of water at the air-water interface of 
positively and negatively charged lipids. (a, c) Steady-state and 2D SFG spectra at the DPPG 
interface; (b, d) Steady-state and 2D SFG spectra at the DPTAP interface. The horizontal and 
vertical axes represent the 2 (SFG probe) and pump (IR pump) frequencies, respectively. (e) 
Center line slopes for DPPG (blue) and DPTAP (red) interfaces as a function of IR to SFG delay. 
Schematic models for DPPG (left) and DPTAP (right) interfaces are also shown at the bottom. 
Figure is reprinted with permission from reference (68). Copyright 2023 American Chemical 
Society. 
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In addition, 2D SFG spectroscopy probes the picosecond spectral diffusion of the -OH stretch 

(Figure 7c-d). The interpretation of the lineshapes is similar to that of 2D IR spectra, where the 

evolution of the lineshapes provides a measure of the frequency-fluctuation correlation function 

of the interfacial water molecules. The time-dependent 2D SFG spectra are analyzed by the center 

line slope method, where different dynamics are observed for DPPG and DPTAP. In brief, the 

negatively charged lipid layer disrupts the water network and suppresses the fast HB dynamics 

due to strong hydrogen bonds involving the hydrophilic DPPG phosphatidylglycerol headgroup 

(Figure 7). In contrast, the positively charged DPTAP layer does not have significant effects on 

the interfacial water ordering and dynamics, as evidenced by the fast dynamics that is comparable 

to bulk water (32, 64). In summary, 2D SFG directly probes interfacial environments, providing a 

specific view of the relation between membrane composition and water dynamics. The technique 

can also be used to study membrane proteins (73, 74), pH effects (75), and cation effects (76) in 

the context of lipid membranes. 

 

2.3. Surface-Enhanced Infrared Absorption Spectroscopy (SEIRAS) 

Surface-enhanced infrared absorption spectroscopy (SEIRAS) has emerged as a useful technique 

for studying lipid membranes, as it significantly enhances detection sensitivity for monitoring 

conformation and structure at single bilayer interfaces without interference from bulk solvent 

backgrounds. In SEIRAS, a thin, nanoscale-roughened, metal film is deposited on an attenuated 

total reflectance (ATR) crystal, enabling the IR beam to excite local surface plasmons in the metal. 

The plasmonic near-field enhancement partially penetrates ~100 nm from the surface into the 

sample (Figure 8). The IR signal is greatly enhanced for molecules adsorbed on the metal surface, 

with surface plasmon polariton modulation resulting in a 10-100× increase in IR absorption (77). 
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Specifically-engineered nanostructured materials can provide even higher enhancement factors 

(78–81). 

 

Figure 8. Illustration of an experimental setup of SEIRAS with an adsorbed lipid bilayer (red) on 
a metal surface (yellow). The blue trapezoid represents the ATR prism. The dashed lines 
represent the enhancement in electromagnetic field from the generated surface plasmon 
resonances. The box on the right shows a zoomed-in view of the lipid-metal interface. Figure is 
adapted with permission from (77). 

 

Initial developments provided a 20× enhancement in the IR absorption of organic monolayers on 

thin metal films. Osawa and coworkers later noted general properties and the theory for SEIRAS: 

the IR enhancement is general for nonvolatile molecules; the enhancement increases for molecules 

strongly chemisorbed on the metal film; and the effect is observed only for the first few adsorbed 

monolayers (82–84). More recent models provide a surface-average enhancement factor and IR 

penetration depth from experiment as the ratio of molar absorptivities of SEIRAS to the bulk (85). 

A general experimental procedure for SEIRAS involves the formation of a metal layer, typically 

100-200 nm of Au or Ag, on a polished ATR substrate through electrochemical deposition (86, 

87), metal vapor deposition in vacuum (88–92), or electroless (chemical) deposition (93, 94). The 

latter technique yields more stable metal films and larger islands on the surface. The enhancement 

factor depends on the thickness of the film, as thicker films exhibit increased IR reflectivity. 
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Because of the rapid decay in the enhancement penetration depth, the solvent absorption is 

minimized. This allows for direct study of specific regions in the membrane with the resolved 

intrinsic vibrational probes in the lipid membrane. SEIRAS is useful for studying interfacial 

properties, such as water structure near a supported lipid bilayer (95–97), with very low penetration 

depth into the bulk. Lipid membranes have large potentials because of concentration or pH 

gradients, and SEIRAS enables studying the effects of fields and potentials in biological systems 

using vibrational probes to measure the local electrostatic environments. Additionally, SEIRAS 

provides the ability to rapidly change sample conditions such as pH or ion concentrations and the 

ability to measure kinetics on the timescale of seconds to hours (98). 

 

Figure 9. SEIRAS spectra of the titration of a pH-low insertion peptide (pHLIP) inserting/folding 
into a POPC bilayer. (a) Amide I absorbance increases as pH is decreased (purple to red). (b) The 
change in absorbance at 1663 cm-1 is plotted as a function of pH. The insets are cartoons showing 
pHLIP in an inserted/folded state in the membrane at low pH compared to at high pH. 

 

In typical SEIRAS measurements, a lipid vesicle solution is prepared and deposited on the metal 

surface. A spacer of adsorbed molecules can be used to form “floating” lipid bilayers (96, 97), 
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mitigating any effects from the metal surface on the membrane properties. The vesicles rupture 

and self-assemble as an ordered monolayer on the surface, eventually forming a bilayer (99, 100). 

The bulk solvent can be easily replaced with different solvents, and solutions containing 

transmembrane proteins can also be added to study protein insertion (101) (Figure 9) or 

potential-dependent structural changes (102). SEIRAS can also be used to monitor time-resolved 

in-situ processes, such as the expression and folding/inserting of transmembrane proteins into lipid 

membranes (98). The folding/insertion process and conformational changes can be tracked by the 

lineshape of amide bands over time. 

Relevant advancements in SEIRAS techniques include time-resolved SEIRAS (103, 104), surface-

enhanced ultrafast IR (SEIR) (105) and 2D IR (SE2DIR) spectroscopies (102, 106–109). SE2DIR 

enables the measurement of species with low molar absorptivity in both transmission and reflection 

geometries with deposited metals < 10 nm of thickness (105, 106). A new plasmonic design has 

been reported to maximize surface coverage and enhancement while reducing background signals 

and lineshape distortions (107). The capabilities and recent developments of SEIRAS techniques 

demonstrate that this technique is suited to address key questions surrounding lipid membranes. 

The low penetration depth into the sample allows one to study the membrane structure, 

morphology, interface, and local membrane environments with enhanced single-bilayer detection 

sensitivity while minimizing signal contributions from bulk solvent. The ability to resolve signals 

of protein amide bands allows one to elucidate the effect of lipid-protein interactions on protein 

conformation and the mechanism and kinetics of the folding/inserting of transmembrane proteins. 

For example, one can envision differential measurements using isotope-labeled lipids in 

multicomponent bilayers to examine the functional paralipidome with model peptides. Other 

variables such as pH, peptide composition, or ion concentrations can be easily altered by replacing 
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the solvent after lipid bilayers are formed on the SEIRAS substrate. Time-resolved and ultrafast 

SEIRAS, similar to 2D IR, can measure kinetics on the picosecond timescale, and SE2DIR further 

improves the signal-to-noise ratio in measurements. Furthermore, there are other possibilities to 

investigate intact plasma membranes, for example, by combining SEIRAS with cell-unroofing 

techniques (110). 

 

3. Interpretation of Experiments through Molecular Dynamics Simulations 

3.1 Molecular Dynamics Simulations 

Interpreting spectra is one of the main challenges due to complex lineshape and spectral congestion 

in multicomponent systems. For example, when analyzing a mixture, the resulting spectra provide 

an average of all vibrational modes across different species, making it difficult to separate and 

identify individual contributions (57, 66, 111). Isotope labeling can be used to isolate individual 

species provided that the labeled species are present at high concentrations. In addition, interface-

specific spectra can be difficult to interpret as coupling and delocalization make vibrational 

assignments difficult, even for well-defined interfaces such as the air-water interface (68, 112). 

Evidently, lipid membranes add complexity as the diversity of lipids, proteins, cholesterol, and 

carbohydrates makes for a highly heterogeneous interfacial environment. For these reasons, 

molecular insights are most often derived by computing spectra based on atomistic modeling, and 

molecular dynamics simulation is an ideal technique to provide molecular ensembles for spectra 

computation (113–117).  

Computed spectra provide the most direct route to interpret spectral features arising from 

interactions with lipids, water, proteins, ions, and other small molecules. Computing spectra from 

structural ensembles requires the use of models, such as electrostatic maps, which translate the 
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local electrostatic environment around each oscillator to a frequency shift (118). The advantage of 

these maps is that they provide a computationally tractable means of generating spectra for systems 

that contains hundreds of oscillators due to their computational efficiency (119). These structure-

based vibrational models provide a one-to-one comparison between experiment and simulation, 

and a route to interpret complex lineshapes in terms of local environments. Only short trajectories 

are required, allowing for very large or complex systems to be simulated. Overall, MD simulations 

for relatively uniform membranes have become increasingly reliable, with simulated results now 

achieving near-quantitative agreement with experiment in certain systems (111, 120, 121). 

 

3.2 Challenges of All-atom Simulations 

Sampling is one of the ongoing challenges for simulations. Obtaining equilibrated ensembles is 

difficult because of the large number of degrees of freedom, relative lack of experimental reference 

to dictate initial ensembles, and the slow lipid reorganization timescales (122–124). New 

algorithms such as Molecular Dynamics with Alchemical Steps (MDAS) have been developed to 

mitigate the conformational sampling problem(122). The MDAS algorithm combines 

conventional MD simulations with alchemical trajectories, which swap the positions of randomly 

selected pairs, analogous to Monte Carlo simulations, but using a short trajectory where the 

parameters of two lipids are exchanged. In addition, within the functional paralipidome model 

described above, different proteins can recruit distinct lipid environments, including specific 

subtypes with various headgroups. The local membrane properties can be modulated by external 

factors to accommodate protein structure and function in membranes (125). Enhanced sampling 

methods are useful for equilibrating such complex systems.  
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Another challenge is the parameterization of lipid force fields (124, 126, 127). Several all-atom 

lipid force fields, including CHARMM36, AMBER (LIPID21), Slipids, and polarizable models, 

have been published and benchmarked in combination with various water models (128–131). 

However, due to the complex lipid interactions and the number of lipid species, achieving 

quantitative agreement between simulated and experimental observables beyond simple bilayers 

remains a challenge (124, 127). Moreover, bilayer properties are sensitive to weak and long-range 

interactions, which are difficult to accurately parameterize (132–134). Modern computer software 

and recent multiscale models combined with machine learning present new opportunities for 

further development (126, 135, 136). There are many opportunities to use vibrational techniques 

for characterizing interactions in heterogeneous samples, and provide useful molecular-level 

information for benchmarking simulations (43, 121, 137, 138). Using spectroscopic techniques 

described on a library of lipid compositions, and modern MD simulations could be a powerful 

approach to measure the balance of lipid-lipid, lipid-protein, and lipid-water forces that lead to the 

heterogeneity in multicomponent membranes. 

 

4. Ongoing Challenges, Prospects, and Opportunities 

Vibrational spectroscopy has advanced enormously over the past decade. The spectroscopic 

approaches discussed above have offered exciting opportunities to investigate membrane structure 

and dynamics in increasingly complex systems. One key challenge is achieving spatial resolution, 

and the ability to map the nanometer-scale heterogeneity for lipid organization. Nano-IR 

microscopy, which uses an AFM tip to localize electric fields, and thereby achieve spatial 

resolution, could be coupled with time-domain techniques to directly probe membrane structure 

and dynamics from single bonds to micron-scale length (139–142).  
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The second challenge is membrane asymmetry. Specialized lipids are often enriched in 

microdomains and unevenly distributed across leaflets. For example, phosphatidylserine (PS) is 

mainly distributed in the inner leaflet of the plasma membrane in healthy eukaryotic cells due to 

the activity of transporter proteins. Therefore, characterizing PS distribution is crucial for 

understanding the functions of lipids in cellular homeostasis and membrane trafficking. Sum-

frequency generation spectroscopy could provide a direct measure of net-orientation, and thus 

measure enrichment across the leaflets. However, challenges would certainly arise in future 

experimental design of in-vivo SFG measurements of plasma membranes. Another challenge, as 

discussed above, is the large diversity of lipid species present in cell membranes. While simple 

lipid compositions have been extensively investigated, building more complex or realistic lipid 

membranes remains challenging. Vibrational spectroscopy provides ensemble-averaged results 

across all oscillators, irrespective of lipid species, and isotope-labeling, e.g., 13C (41, 47, 143, 144), 

or functional-group-labeling, e.g., nitrile or thiocyanate groups (145, 146), can help identify the 

contribution of each species individually. MD simulations can also help interpret complex spectra. 

However, building heterogeneous membranes introduces complicated interactions, and requiring 

more sensitive vibrational techniques to probe the subtle yet important effects introduced by minor 

lipid species. Meanwhile, building synthetic systems with artificial lipids (147, 148), lipid 

nanodiscs (149), and artificial channels (150) can serve as useful platforms to study lipid-protein 

interactions in minimalistic or well-defined environments. 
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Terms and Definitions: 

Fluid-mosaic model: an influential membrane model consisting of proteins embedded within the 

lipid bilayer. 

Lipid raft: dynamic regions in biological membranes enriched in certain components, influencing 

membrane organization and protein localization. 

Functional paralipidome: a general model or framework for describing the mutual regulation 

between membrane proteins and their surrounding lipid microenvironments. 

Hydrogen bond: a directed electrostatic interaction between polar atoms, involving a protic 

hydrogen. 

Vibrational probe: a functional group with a well-defined vibrational frequency response that can 

be used to measure local environments and dynamics. 

Two-dimensional infrared (2D IR) spectroscopy: a frequency-resolved “pump-probe” technique 

to measure molecular conformations and dynamics on picosecond timescales. 

Sum-frequency generation (SFG) spectroscopy: an interface-specific spectroscopy used to 

measure the environments, water orientations, and hydrogen bond dynamics at single interfaces. 

 Pump-slice amplitude (PSA) analysis: an analysis method to extract FTIR-like lineshapes from 

2D IR spectra. 
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Frequency-fluctuation correlation function (FFCF): a measure of the evolution of the local 

environment as reported by the frequency fluctuations around a vibrational probe. 

Surface-enhanced infrared absorption spectroscopy (SEIRAS): an approach to measure surface-

sensitive vibrational spectra with a penetration depth of ~100 nm using gold nanoparticles. 
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