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ABSTRACT: Linescanning vibrational sum-frequency generation (VSFG) hyperspectral microscopy was developed into an 
inverted microscope design. The geometry enables seamless collection of brightfield, second-harmonic generation (SHG), and 
VSFG images of a given sample area. The new vertical configuration also enables future application to biologically relevant 
environments.  The instrument is capable of simultaneously reporting on spatially resolved chemical and geometric specific 
sample characteristics. This capability is demonstrated with three samples: lyophilized collagen, a molecular self-assembly of 
sodium dodecyl sulfate and β-cyclodextrin (SDS@2β-CD), and a L-phenylalanyl-L-phenylalanine (FF) self-assembly. Hyperspec-
tral analysis showed that the FF samples have anisotropic structural alignment, which is uniform along the long axis and 
structurally evolving along the short radial axis. Because all three samples represent protein and molecular hierarchically 
organized materials in the biomaterial and biomimetic fields, this work highlights the chemical-physical information VSFG 
microscopy can reveal to help in the bottom-up design and characterization of biomaterials.

Introduction  

Organization of biomolecules into mesoscopic architectures is 
a ubiquitous process in natural and synthetic biomaterial for-
mation.1–6 Natural biomaterials are primarily comprised of or-
ganic subunits that assemble into higher-order hierarchical or-
ganizations. This process leverages the natural chemical com-
position and geometric configuration of molecular subunits to 
construct larger, functional architectures with function in-
creased beyond the properties of the original molecular subu-
nits.7 For example, collagen is a biomaterial found in vertebrate 
animals that is categorized into 28 subtypes, each with unique 
chemical and physical properties that serve a specific biological 
function.6,8,9 Collagen can take the form of a variety of tissues 
such as cartilage, bone, blood vessels as well as different types 
of connective tissues because of the different subtypes and its 
hierarchical organization.10–12 The chemical and structural de-
pendence is so strong that misalignment due to construction or 
composition defects leads to a change in its physical properties 
such as a reduction in its flexibility corresponding with an in-
crease in stiffness.13–15 Changes in the collagens physical and 
chemical properties has been shown to increase cancer prolif-
eration as well.16–18 Hierarchical organization has also been ob-
served in biomimetics, a fields that seeks to synthesize biologi-
cally inspired structures.19 Similarly, the ultimate function of 
the materials is correlated with the chemical composition and 
geometric of the fundamental subunits that comprise larger 
mesoscopic architectures.20,21 

With structure and composition playing an important role in 
the properties of biomaterials, it is necessary to probe the 
chemical composition and higher-order hierarchical structures 
simultaneously. Specifically, understanding microscopic 

details and how they relate to mesoscopic structures of bio-
materials 22 requires both molecular composition information 
from IR spectroscopy and spatial profiles afforded by micros-
copy. The mid-infrared (MIR) spectrum offers a wealth of 
chemical specific information through molecular vibrational 
modes.23 Even better, FTIR microscopy (FTIRM) has shown the 
power of revealing spatially resolved, chemical specific details 
of biologically relevant samples 24. However, based on a linear 
optical signal, FTIRM has limited sensitivity to structural or-
ganization and alignments. Also, since IR signals probe all IR 
active vibrational modes in the samples, the spectral signatures 
become complex and difficult to correlate spectral information 
to that of chemical organization.  

On the other hand, structural imaging can be realized through 
second-order nonlinear optical signals such as second-har-
monic generation (SHG) and vibrational sum-frequency gener-
ation (VSFG) spectroscopy. SHG and VSFG are only sensitive to 
environments that are noncentrosymmetric (e.g. lack inversion 
symmetry) and have been used to study biomaterials such as 
collagen and celliluse.25–39 When using SHG and VSFG to study 
these tissues, its anisotropic chiral organization leads to tissue-
only signals, ignoring the bulk surroundings.32 While both are 
sensitive to structural arrangement, VSFG has the additional 
advantage of extracting chemical specific information because 
it measures molecular vibrational modes. 22,29,30,40–48 Broad-
band VSFG employs a resonant femtosecond IR pulse spatially 
and temporally overlapped with a nonresonant visible or NIR 
beam to coherently generate a signal at the sum of the energy 
of the two input beams. With the availability of tunable IR 
sources, in the form of optical parametric amplifiers (OPAs) 
and optical parametric oscillators (OPOs), VSFG can cover 
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Figure 1. 3D model of inverted linescanning VSFG microscope. a) Linearly polarized 1μm and MIR beams are overlapped at a cus-
tomized dichroic mirror. Beams are focused through the purely reflective condenser objective into a line with a resonant beam scan-
ner. The generated VSFG signal is collected with an infinity corrected refractive based objective with an image being formed with a 
telescopic tube lens system on the entrance slit of the CCD/monochromator. b) Detailed view of variable tube lens set-up. The re-
sultant line of images is shown in the red VSFG signal trace where the images is formed at the entrance slit of the monochromator. 
c) Detailed view of samples area where the reflective based Schwarzschild condenser at the top tightly achromatically focuses the 
light onto the sample area. Areas that have proper, symmetry and composition produce VSFG signals which are imaged with refrac-
tive a based imaging objective at the bottom in an inverted microscope geometry.

any VSFG active vibrational modes. The geometric details at 
molecular frame can then be extracted from VSFG images in the 
lab frame49–51 by varying the polarization combination of the 
two input and one output beams, from which molecular orien-
tation or intermolecular distances can be deduced.  

Our group and others have developed the VSFG microscopy 
platform to accept biomimetic and biological materi-
als.22,29,30,40,41,43,44,46,47,52,53 Briefly, we have implemented a 
point-scanning VSFG microscope and used it to demonstrate 
superior phase stability for heterodyne detected VSFG im-
ages41, and the importance of visualizing local ordering in an 
overall disordered system. We further used it to resolve hydra-
tion levels of self-assembled biomimetic sheets at the single do-
main level29, and even conducted the first ultrafast vibrational 
dynamics of individual self-assembled sheets and reveal the 
heterogeneous hydration among sheets22. Recently, we further 
developed the point scanning geometry to a fast scanning VSFG 
microscope that can acquire data 10 times faster than the orig-
inal point-scanning version53. This development reduced opto-
mechanical and electronic instability in the system over the 
course of data collection. Although we were able to reduce col-
lection times, the original fast scanning microscope was not in-
tegrated with other imaging modalities, such as brightfield or 
SHG microscopy, making comparison between images from dif-
ferent modalities difficult.  Furthermore, the original fast-scan-
ning setup adopted horizontal geometry which limited samples 
fixed to a substrate.   

Building off our previous work53, we incorporate and report 
here, an inverted multimodal microscope. The new microscope 
enabled seamless collection of VSFG, SHG, and brightfield mi-
croscopy images. Using this new setup, we collected VSFG spec-
tra from 3 to 6 m to explore resonant vibrational features that 
exist in samples, which allows the exploration of chemical spe-
cific geometric characteristics of the sample. Hyperspectral 

analysis of images at a spectral region of interest is performed 
to correlate spatial, chemical, and morphological details. This 
new setup is versatile and can be used on a variety of samples: 
SDS@2β-CD, lyophilized collagen, and L-phenylalanyl-L-phe-
nylalanine (FF), as demonstrated below. Through in-depth hy-
perspectral analysis of the FF sample, we show that the FF sam-
ple has anisotropic structural arrangement which is homoge-
neous along the long axis and evolving along the radial axis. 
Spectral analysis also suggests that the sample is primarily 
composed of β-sheets across the entirety of the sample 
whereas towards the center helical formations exist. The range 
of samples provides evidence to the broad applicability for this 
microscope and potential impact to reveal chemical and struc-
tural information of biological and materials samples.   

VSFG Microscope 

The inverted hyperspectral VSFG microscope builds on previ-
ous designs of a VSFG imaging setup53. A SolidWorks sketch of 
the inverted hyperspectral VSFG microscope can be found in 
Figure 1. An optical parametric amplifier (Orpheus-HP, Light 
conversion) pumped by an Ytterbium doped seed laser (Car-
bide, Light Conversion) (230fs, 200μJ, 200kHz) generates the 
broadband mid-IR pulse centered at 3.5μm to study the -CHx 
modes (~2900 cm-1) or 6 μm for Amide bands (~1650 cm-1). 
The mid-IR is colinearly overlapped with the narrowband up-
conversion beam (centered at 1025 nm) using a custom di-
chroic mirror. Both beams’ polarizations are controlled with 
λ/2 waveplates and linear polarizers to guarantee pure polari-
zation prior to the dichroic. The overlapped beams are dis-
persed into a line by a resonant scanner (Electrooptical Prod-
ucts Corp, 425Hz, 1° scan angle) and directed through the infin-
ity corrected condenser objective (Pike Technologies Inc., 891-
0001, 0.70NA)), a purely reflective optic which mitigates chro-
matic aberration from the large difference in frequency be-
tween the mid-IR (~3.5/6μm) and NIR (~1μm) pulses. The 



 

beams are focused downwards through inverted microscope 
geometry onto a sample stage mounted to a 3-axis nano-posi-
tioner/encoder (MadCity Labs. MMP3) to generate the VSFG 
signal centered at ~800 nm. The VSFG signal is imaged by an 
infinity corrected refractive objective (Zeiss, 420150-9900-
000) and the collimated signal is sent through a home built tel-
escopic tube lens system composed of two f = 60 mm lenses. 
The VSFG signal is spectrally and spatially resolved simultane-
ously using a Chezny-Turner monochromator (Andor, Sham-
rock 500i) coupled to a CCD (Andor, Newton, DU920 Bx-DD) 
which collects spectrally resolved line sections of the image. To 
generate a full image, the 3-axis nano-position is rastered in 1-
axis.  

Results and Discussion 

Multi-modal imaging  

The vertical VSFG microscope enables multi-modal imaging, in-
cluding optical, SHG and VSFG images. Brightfield images were 
collected using a white light illumination source. This enabled 
the exploration and inspection of interesting sample locations. 
This important development reduced the time it took to locate 
samples on the glass coverslips. SHG images can also be col-
lected by blocking the MIR beam and exclusively imaging the 
signal at the second harmonic of the up-conversion beam 
(~515nm). Lastly, VSFG spectra were collected for the amide 
(1650cm-1) and -CH (2900cm-1) regions to gain knowledge of 
the chemical compositions and environment experienced by 
the materials.  

The images of SDS@2β-CD, lyophilized collagen, and FF are 
shown in Figure 2, where a-c represents the three samples, and 
i – iv representing the optical, SHG, CHx and Amide VSFG im-
ages, respectively. The SHG and VSFG intensity images agreed 
with profiles of brightfield images nicely when overlaid. How-
ever, the SHG and VSFG spectra also show differences from the 
optical images, depending on samples. For both SDS@2β-CD 
and FF samples, the nonlinear optical images are homogeneous 

across the samples, indicating homogeneous alignments and 
orientations across the samples. In contrast, the signal inten-
sity of SHG and VSFG images of the lyophilized collagen sam-
ples were very heterogeneous. Only a sub-ensemble of region 
has high intensity in both SHG and VSFG images. These bright 
regions could reflect areas that are ordered, or the molecular 
modes are close to parallel to the laser polarizations.   

A quick, qualitative comparison between the CHx and amide 
spectral regions of FF and lyophilized collagen, shown in Figure 
2, reveals the local structural ordering of a particular spectral 
region. For example, if both functional groups are homogene-
ously ordered across the sample space, we would expect the 
images at either spectral region to have similar intensity maps. 
This is true for the FF sample (Figure 2ciii-civ) which exhibits 
homogeneity across spectral regions. Alternatively, if func-
tional groups have dissimilar ordering in the local organization, 
VSFG hyperspectral imaging would reveal this, where the two 
functional groups would have different intensity maps. This is 
the case for lyophilized collagen in the CHx and amide region 
intensity maps (Figure 2biii and biv) which show differences in 
the relative spectral intensities between the two spectral re-
gions.   

Hyperspectral analysis 

The comparison between SHG and VSFG intensity mapped im-
ages only reveal part of the power of the inverted line scanning 
VSFG microscope. Each VSFG image indeed contains a spec-
trum that encodes a material’s chemical structural information. 
Thus, the VSFG image are hyperspectral data cubes with two 
spatial dimensions, which form an x-y sample space, and one 
spectral dimension, which contains rich information of the 
sample’s microscopic and mesoscopic structures. We use the 
MATLAB hyperspectral processing toolbox to analyze the data. 
Each pixel of the hyperspectral data cube is then assigned to 
one identified unique spectra to generate an image based on 
spectral similarity. Analyzing images with this approach ena-
bles direct 



 

 

Figure 2. Multi-modal images of three different samples. ai-aiii) SDS@2β-CD brightfield, SHG (PP polarization) and, VSFG (PPP polari-
zation) of 3.5μm region images respectively. Nonlinear images are overlaid with brightfield images. Chemical structures of SDS and 
2β-CD are shown in the inset of ai. bi-biv) Lyophilized collagen brightfield, SHG (PP polarization), VSFG (PPP polarization) of 3.5μm 
and 6μm regions respectively. Chemical structure of the primary protein trimer residue of collagen, composed of glycine, proline 
and hydroxyproline is shown in the inset of bi. ci-civ) FF brightfield, SHG (PP polarization), and VSFG (PPP polarization) of 3.5μm and 
6μm regions respectively. Chemical structure for the FF molecular subunits is shown in the inset of ci. All 6μm images are taken 
under a purged nitrogen instrument environment to remove attenuation from ambient air moisture. 



 

correlation between spectral signatures and their spatial loca-
tion in the sample.  

To show the proof-of-principle, we focus on FF sample. 
SDS@2β-CD has been analyzed by us previously22,29,40,41,53 and 

the collagen hyperspectra are complicated which we will dis-
cuss in future publications. The spectral similarity images of FF 
for both the -CH and amide spectral regions are summarized in 
Figure 3. In both regions,  

  

Figure 3. Hyperspectral analysis of VSFG images. ai-aiv) Hyperspectral image of FF with 3.5μm MIR, endmembers 1, 2 and, 3 respec-
tively. Each endmember corresponds to unique spectra identified within the hyperspectral data cube at that frequency.  bi-biv) Hy-
perspectral image of FF with 6μm MIR, endmembers 1, 2 and, 3 respectively. Each endmember corresponds to unique spectra iden-
tified within the hyperspectral data cube at that frequency. Comparing the three unique peaks and their spatial locations in both 
3.5μm and 6μm, we observe similarities in their location between the two spectral regions. 

three unique spectra were identified. The corresponding pixels 
of the spectra were then color coded in the images. The three 
unique spectra identified in the -CH region image (Figure 3aii-
aiv) have different intensity and spectral shape. In all three 
identified unique spectra, there are three primary peaks in the 
-CH region, 2915cm-1, 2930cm-1, 2970cm-1, corresponding to 
antisymmetric stretch of -CH2, fermi resonance of CH3, and po-
tentially the Cα-H modes.54 However, the main difference be-
tween the three identified unique spectra can be found when 
comparing the magenta and green labeled areas where the CH2 
antisymmetric stretch and CH3 fermi resonance blue shift by 
about 10-20cm-1. The peak shifts were further visualized by 
checking the VSFG spectra across the radial direction of the FF 
needles using the MATLAB hyperspectral imaging toolbox (see 
web-enhanced object video 1). The origin of the blue shift could 
be due to slight conformational differences that exist on the mi-
cron scale.55,56 However, the exact conformational changes re-
main unclear. It is noticeable that the spectra only shift along 
the radial axis, while are uniform along the axial axis, which in-
dicates an anisotropic structural arrangement: there are struc-
tural evolutions along the radial axis, and the structures are ho-
mogeneous along the long axis. 

To further gain insights to the structural anisotropy, we ana-
lyzed the Amide region. We also identified three unique spectra 
(Figure 3bii-biv). It is noticeable that spectral distribution map 
(Figure 3bi) also shows similar features as the -CH region: uni-
form along axial axis and evolving along radial directions. Thus, 
it further suggests that well-ordered self-assembled structures 
were formed and propagate along the axial directions.  

The spectral features of the identified unique spectra, however, 
have similar spectral shape but different peak ratios between 
the higher and lower frequency features. (See Figure 3bii-biv 
and web-enhanced object video 1). The primary spectral fea-
tures in the Amide region which exists across all three spectra 
at 1600cm-1 corresponds to β-sheet secondary structure. The 
1670cm-1 only exists in endmember 1 and 3 spectra and could 
correspond to a 310-helix.57–59 This peak assignment indicates 
that the FF micro needles are primarily in β-sheet formations 
on the extremes of the needle. Moving towards the center, the 
growth of the higher frequency feature could suggest helical 
structures also exist in this region.  

 Full spectral analysis  



 

For each spatial pixels, we can also scan the OPA output to col-
lect VSFG spectra from 3 to 6 m. Collagen and FF samples, 
comprised almost exclusively of peptides, showed rich features 
in hydrocarbon (2800cm-1-3100cm-1), water (3000cm-1-
3500cm-1) and amino (Amide A 3000cm-1-3500cm-1, Amide I, 
II, and III 1200cm-1-1800cm-1) groups, under PPP polarization 
(Figure 4).  However, they showed very different lineshapes. 
The FF spectral features were sharp, while the collagen spectra 
were broad. The lineshape difference are most likely due to in-
homogeneous broadening, suggesting them having different 
heterogeneity even within 1 micron region (the spatial resolu-
tion of the setup). This result agrees with the morphology of 
samples. FF forms microcrystalline, and therefore each unit cell 
experiences similar chemical environments, while the lyophi-
lized collagens are soft tissues and thereby form very inhomo-
geneous chemical environment. However, it is not completely 
disordered as that would lead to null signal in VSFG.  

 

Figure 4. Comparison of full VSFG spectra of collagen and FF 
samples. a) Spectral scan of PPP configuration of lyophilized 
collagen. Distinct features are clearly shown in both the 
2800cm-1-3700cm-1 and 1500cm-1-1700cm-1 regions. b) FF 
spectral scan under PPP polarization control for the same re-
gions. Both spectra are collected in a nitrogen purged instru-
ment atmosphere to remove spectral attenuation from ambient 
water absorption. 

Conclusions and Outlook 

Building off our previous VSFG microscope designs, SHG and 
brightfield imaging modalities were added to further improve 
VSFG microscopy’s applicability, specifically to biological and 
biomimetic materials. The demonstration of the technique on 
three samples, SDS@2β-CD, lyophilized collagen, and diphenyl-
alanine aggregates, highlight VSFG microscopy’s capabilities to 
report spatially resolved, chemical specific information for all 
three samples.  

When different spectra across the thickness of an FF micronee-
dle were compared, nuanced differences in peak position, pri-
marily in the 3.5μm region, were observed. In addition, the sec-
ondary structures of FF were elucidated through analysis of 
Amide-I region spectra and found to be primarily in a β-sheet 
configuration. Similar analyses of additional materials could re-
veal nuanced spatial heterogeneity of vibrational spectra which 
could further inform the biology, chemistry, and materials sci-
ence fields, among others, of chemical environments and struc-
tural organization of materials. We note that the current sys-
tem would benefit from an increase in resolution through su-
per resolution techniques which would decrease the size of ar-
chitectures that can be imaged with this microscope. 
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