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Abstract

Liquid cell electron microscopy (LCEM) has long suffered from irreproducibility and its
inability to confer high-quality images over a wide field of view. LCEM demands the
encapsulation of the in-liquid sample between two ultrathin membranes (windows). In the
vacuum environment of the electron microscope, the windows bulge, drastically reducing the
achievable resolution and the usable viewing region. Herein, we introduce a shape-
engineered nanofluidic cell architecture and an air-free drop-casting sample loading
technique, which combined, provide robust bulgeless imaging conditions. We demonstrate
the capabilities of our approach through the study of in-liqguid model samples and
quantitative measurements of the liquid layer thickness. The presented LCEM method
confers high throughput, lattice resolution across the complete viewing window, and
sufficient contrast for the observation of unstained liposomes, paving the way to high-

resolution movies of biospecimens in their near native environment.



Main

Liquid-cell electron microscopy (LCEM)!'~7 is a known state-of-the-art technique used to perform
high-magnification imaging of nanomaterials and biological specimens which are suspended in a
liquid inside of a nanofluidic cell (NFC). There are two types of LCEM systems; those connected
to a syringe pump and capable of conferring liquid flow, commonly known as ‘flow LCEM

824" and those which are stationary systems?#? herein referred to as ‘static LCEM

systems
systems’. Current LCEM technology is limited in its ability to precisely control the effective
thickness of the liquid layer. In most commercially available silicon-based nanofabricated NFCs
—those having silicon nitride (SiNx) membranes as the window material— even a tiny droplet with
a volume of 1 nL suffices for the liquid sample to overrun the spacer area. In addition, window

791922 arises from the pressure differential experienced by the ultrathin window

bulging
membranes when the NFC is inserted into the high vacuum environment of the electron
microscope column for observation. Given that nanofluidic cells are typically assembled in the
open laboratory environment, the internal pressure of the NFC assembly is unregulated and leads
to variability in the effective liquid layer thickness, which depending on window size could be
many times thicker than the nominal height of the predefined spacer. This effect is verifiable via
different methods that can be applied to determine the thickness of the specimen in situ* .
Moreover, standard NFCs are based on two ‘flat’ silicon chips with an imprinted spacer onto one
of the dies. Thus, they are vulnerable to particle contamination from chip handling and the
surrounding laboratory atmosphere, vide infra. The combination of all these detrimental effects
cause irreproducibility and loss of resolution, usually limiting the usable viewing area to the

corners of the windows?!?*, Window bulging is often more severe in the case of static NFCs,

which lack an external control of the inner cell pressure, such as the liquid pumping station and/or



a vacuum line that may be attached to the outlet tube of a flow LCEM system® 1, For this reason,
many research groups have abandoned the use of conventional static SiNx NFCs while others have
developed approaches to reduce the liquid layer thickness, such as the implementation of slow

evaporation®?, the formation of gaseous voids and bubbles!846-4°

, and the use of patterned
microwells*®3°, On the other hand, window fracture remains a concern during the operation of
flow LCEM systems inside expensive TEMs because of their connections to a syringe with a large
volume of liquid and the room atmosphere via the inlet and outlet tubes, respectively. Therefore,

flow LCEM systems necessitate the use of a time-consuming leak-check station, and their NFCs

usually have SiNx membranes thicknesses in the range of tg;y, =~ 30 nm — 50 nm, with 50 nm

being the most common in order to provide robustness at the expense of electron beam
transparency’. As a result, a large portion of the high-resolution LCEM work is nowadays relying

on the encapsulation and formation of small pockets of liquid between two ultrathin membranes

51,52 29-37

made of amorphous carbon’'~*, graphene~”~’, or their combination with SiNx to produce hybrid
NFCs*4!  Among these choices, graphene cells (GCs)* 37 have become the standard to achieve
atomic resolution in LCEM experiments. However, GCs are produced on a case-by-case basis,
and handling graphene layers requires a great level of expertise and NFC engineering®’ to

circumvent the high degree of variability of the liquid layer thickness caused by sample

encapsulation®,

In this article we introduce a robust static LCEM method™ that provides high-contrast and high-
resolution images across the whole viewing area (ViA) with layer thicknesses ranging from = 60
nm to 160 nm depending on the predefined nominal spacer’s height (h,,,,,). The presented LCEM

technology builds on the implementation of shape-engineered NFCs with tg;y, ~ 20 — 30 nm and



a fast and simple air-free drop-casting sample loading approach which confers bulge-free imaging

conditions.

Improved Nanofluidic Cell Architecture

Figure 1 shows a comparison between a standard (flat) nanofabricated bottom NFC chip (Fig. la
— ¢), our bottom NFC chip (Fig. 1d, e) and assembled cell (Fig. 1f). Note that the definition of
‘bottom’ and ‘top’ chips is arbitrary, and a standard top chip is completely flat and has no spacer.
Figure 1a illustrates a tiny 2.5 nL droplet (at scale) positioned onto the window of a conventional
3 mm x 3 mm square NFC chip with a ® 1 mm wide nanochannel. Thus, if such a NFC die has a
hyom= 200 nm, any volume in excess of I mm x 3 mm x 200 nm = 0.6 nL will suffice for the liquid
to invade the spacer area upon NFC assembly, and therefore lead to a thicker effective liquid layer.
Therefore, one should deliver a volume of the order of 0.1 nL to try to avoid liquid overflow.
Dispensing such a small amount of liquid, although possible, is not attainable through the use of
commonly used micropipettes. Liquid overflow would also impact some flow LCEM systems that
require the user to drop-cast the NFC before initiating the pumping of liquid to reduce the chances

of membrane fracture.

Moreover, standard NFCs are also vulnerable to particle contamination, which may arise from
chip handling as well as exposure to the laboratory atmosphere. NFC handling is typically
conducted with a soft pair of tweezers as illustrated in Fig. 1b, and often results in microparticle
contamination due to chip edge damage (Fig. 1¢) and microparticle attraction caused by
triboelectric forces>*. It should also be noted that a typical ISO Class 5 cleanroom contains up to
832 (size of = 1 um) and 3520 (size of = 0.5 pm) airborne particulates per cubic metre>>, which

are larger than the typical h,,,, that ranges from 100 nm to 500 nm. Thus, the assembly of NFCs



should be carried out in an ISO Class 3 or better clean zone as a very first step toward trying to

achieve some degree of reproducibility in LCEM experiments. HEPA filtered flow hoods can

Spacers

easily provide such a controlled environment™.
‘ ﬂ ‘*

Figure 1: Comparing a conventional NFC to our recently developed NFC architecture. a. A standard

~ Spacers

or ‘flat’ NFC chip with a deposited spacer on the sides. The volume of the droplet illustrated here is 2.5 nL
and resides on the window. As a scale reference, this chip has size of 3 mm x 3 mm. b. Handling of a
conventional NFC with plastic tweezers. c. Handling leads to damage and microparticle contamination on
the spacer region. Note that this has been exaggerated for illustrative purposes because usually these
particles and the broken edge are not observable by the naked eye. d. Our recently developed NFC. The
droplet volume indicated here is 500 nL; the typical volume we use to drop-cast our samples. e. Handling
of the developed cell with plastic tweezers. f. An example of the recently developed NFC in assembly. The
small red areas indicated by the black arrows highlight the regions of spacer overlap between the top and
bottom nanofluidic chips. The surfaces defining the spacer’s height are far from those in contact with the

tweezers.

Figure 1d displays our bottom NFC with a 500 nL droplet (at scale), which is the typical liquid
volume we dispense via drop-casting onto its central pillar (Supplementary Fig. Sla). Moreover,

in contrast with pioneering static NFC approaches that relied on capillary forces for liquid



loading?>-2%, drop-casting is a general and more convenient approach for dispensing in-liquid
specimens. Furthermore, the liquid droplet self-positions onto the ViA owing to the shape of the
central pillar and the surface tension of the aqueous solution. Sealing is achieved through the
implementation of an internal O-ring that encloses the liquid (Fig. 1f), circumventing the use of
epoxy>>?’, This O-ring also forms a cavity around the central pillar that receives the excess of
liquid upon NFC closure and serves as a protective barrier for the liquid not to reach the surfaces
defining h,,,, (highlighted in red in Fig. 1f). Furthermore, the bottom and top NFCs were
engineered to assure that microparticle contamination caused by chip handling (Fig. 1e) does not
impact the surfaces that define h,,,. In addition, h,,, is predefined and built-in during the
nanofabrication process and can be varied within the range of 0 — 20 um to accommodate for
sample size (though resolution would decrease with the increase of t,,). The generation of top
NFC chips implemented in this work had a rectangular-like central pillar as shown in Fig. 1f and
Supplementary Fig. S1b; however, the actual shape of this feature is not essential to the

performance of our method.

Our NFCs are produced via wafer-scale nanofabrication processes and their static design confers
robust sealing through the implementation of a single internal O-ring and has been tested for weeks
under ultrahigh vacuum conditions. It should be emphasized that the assembly of the NFC
sandwich must be performed in a dedicated loading station and using a custom holder. The sample
loading station confers an air-free environment. Any intention to close the NFC under the regular
laboratory atmosphere would result in air being trapped inside the NFC cavity formed by the O-
ring followed by a sudden increase of the internal pressure and the rupture of the window

membranes.



Air-Free NFC Sealing Method for Drop-Casted Samples

Holder insertion

\ Loading stage &)
! §

Syringe

Top chip

Holder'’s tip Holder’'s lid T Piston

Complete LCEM kit for the study of drop-casted in-liquid specimens. The LCEM kit comprises a custom

holder, an airtight sample loading stage and specially engineered NFCs, which are sealed in the absence
of air. b. Holder’s tip with the top NFC in position. c. Holder’s lid and bottom NFC with the internal O-ring
and dispensed sample are resting on a movable piston with alignment pins. d. Close view of the loading
stage with the piston locked in position for air evacuation. e. Piston in position for the NFC chips to form a
closed cell. The holder and piston are coloured for clarity. f-h. lllustration of the air evacuation process.
Water molecules are represented with the space-filling model and air is represented by the dark and light
grey backgrounds (the intensity of the colour correlates with air density). The dense water liquid phase is
at the bottom of the containers with the gaseous phase located directly above. The container on the left
with volume Vs represents the dead volume of the loading stage. The container on the right with volume 1y
represents the volume of the syringe with its piston locked after forced expansion. f. At this moment the
available volume in the syringe and loading stage are saturated in water vapour and p,;,- = 100 kPa in the
loading stage and p,;, = 0 in the syringe. g. The valve is opened for air to flow from the stage to the syringe
until p,;- in Vs and in V, are equal. h. The valve is closed, the syringe is disconnected, evacuated, and

reconnected, to repeat the process.



Figure 2 shows the complete LCEM kit, which comprises the holder and the loading station,
illustrated in Fig. 2a, and the top and bottom NFC chips that are shown in Fig. 2b, ¢, respectively.
Prior to sealing the NFC inside of the loading stage, the top NFC chip is placed into the holder’s
tip (Fig. 2b) and held in place from the outer back surface by a retainer with a small piece of
carbon tape. The bottom NFC chip is placed onto the holder’s lid which in-turn is positioned onto
a movable piston with alignment pins (Fig. 2¢). The liquid is drop-casted onto the central round
pillar of the bottom NFC chip, and the piston is pulled down and locked in proper position to bring
the bottom NFC chip inside the loading stage and introduce the cover lid of the loading stage, and
the holder (Fig. 2d). At this moment, the loading stage is airtight, which is achieved through the
implementation of O-rings placed between all key surfaces. An inverted syringe with a small
amount of liquid is used to create a vapour saturated pseudo-vacuum environment upon volume
expansion (Vpin Fig. 2f). After volume expansion, the syringe’s piston is locked in place. It should
be noted that at this point the vapour pressures (p,,) or chemical potentials (u,,) of water — the
solvent we employed in our LCEM experiments — in the loading stage and the syringe are the
same. This step is critical and assures that there is only a net mass transfer of air (illustrated as a
grey background) from the loading stage to the syringe when the valve is opened (Fig. 2f). Note
that the loading stage’s piston displayed in Fig. 2¢ has two pockets. These are also filled with
liquid water to facilitate vapour saturation inside the loading stage. Once the air is transferred
(after a minute or so), the valve is closed (Fig. 2g), the syringe is disconnected, evacuated by
bringing its piston to the original position and refilling the tubing with water, and reconnected to
repeat the same step; however, with already a lower partial pressure of air (p,;,-) inside the loading
stage (Fig. 2h). It is straightforward to deduce, using the ideal gas equation, the following

expression,



Vs n
Pair,f (M) = Dair,i (m)

Where pgr; is the initial p,;,- and pg;y ¢ s the final pg;,- inside of the loading stage after the air
evacuation process is repeated n times, Vs is the dead volume inside the loading stage, and Vj is
the internal volume of the syringe. Ideally, if Vi > Vs then pyiy f < Pgir ;- There are practical
limitations to the minimum attainable Vs and the maximum Vj (dictated by the size of the selected
syringe). For our case, Vg = 3 mL and Vi = 60 mL, and n = 3. This results in pg; r = 0.013 kPa,
which is already < p,, = 3.2 kPa at room temperature, with p,, corresponding to the minimum
achievable internal NFC pressure. Once the evacuation process is done, the valve is closed, the
loading stage’s piston is released, and the NFC is sealed, practically, in the absence of air. The
implementation of pins provides a high degree of alignment and airtight screw drivers are used to
secure the holder’s lid and sealed NFC. After this final step (Fig. 2e) the syringe is removed, the
loading stage is vented, its piston is pulled down, and the holder is taken out and ready for TEM
imaging following the removal of the retainer. This method takes approximately 10 minutes to
complete, i.e., to go from NFC assembly to imaging in the electron microscope. The leak check
station that is usually implemented to test flow LCEM systems is no longer required owing to the
very small volume of fully enclosed liquid = 400 nL, which does not pose any risk to the electron

microscope. Supplementary Movie 1 illustrates the complete sample loading process.

Characterization of Membrane Bulging and Liquid Layer Thicknesses

We were able to measure, through the application of compressed gas and a contact profilometer,
the maximum deformation (i.e., at centre of the membrane) for 25-nm thick SiNy windows as a

function of their width and the pressure differential (Ap) across the films; technical details about

10



our employed method can be found elsewhere®. For a ~ 20-um wide SiNx membrane, we have
determined a maximum deformation of = 15 nm at Ap = 3.2 kPa and = 220 nm at Ap = 100 kPa
(see Supplementary Note 3). The former corresponds to the deformation anticipated when
Ap = p,,; i.e., the minimum achievable value during TEM measurements. The latter represents
the expected deformation when, for instance, a flow LCEM system with its outlet port open to the
room atmosphere is used — a typical situation. We therefore expect at least a deformation of 440
nm (=220 nm X 2) in the centre of Vi4 when imaging with commercially available LCEM systems
under flow conditions. The use of a high-quality inverted syringe, as shown in Fig. 2, but
connected to the outlet port of a flow LCEM system would largely mitigate this issue while air
expansion against a ‘vapour-saturated vacuum’ would minimize the net transfer of solvent
molecules and the chances of bubbling. Note that window bulging would still add to the
aforementioned issues, i.e., particle contamination and liquid overrunning the spacer area, which
lead to thicker effective liquid layers. Moreover, membrane deformation caused by pressurized
gas can be considered as upper estimates because these measurements do not include the beneficial
cohesive forces of liquid. Therefore, proper sealing of our NFC in the absence of air would result,
for a 20-pm wide window, in a maximum deformation in the centre of ViA of 30 nm (= 15 nm X

2), which is already acceptable to achieve high resolution.

To confirm that our LCEM technology actually confers negligible window bulging and determine
the effective water layer thicknesses (t,, ), we decided to carry out in-sifu EELS measurements and
apply the commonly employed log-intensity-ratio method introduced by Egerton and co-
workers*# (see Supplementary Note 4). Figure 3 exhibits the values of t,, calculated from EELS
line scans for pure water when moving diagonally from one corner to the centre of the ViA. We

performed a total of four independent measurements with NFCs having different h,,,,,. Results in

11



Fig. 3a involved the use of a Talos 200X operating at 200 kV while those in Fig. 3b were obtained
at 300 kV in a Titan HB. In all four cases, we observed that t,, were below h,,, with a small
amount of membrane deformation when h,,,,, < 200 nm and negligible bulging when h,,,, > 500
nm. Although this observation was not expected at first, it can be explained by examining the
sandwich structure shown in Fig. 3¢, d. To ensure the contact between the surfaces highlighted in
red in Fig. 1f, an external O-ring experiencing a higher compression and with a greater durometer
was implemented. Following NFC closure, the compression of the O-ring leads to a net force that

bows the bottom chip sufficiently to trap liquid between the windows if h,,,, < 200 nm.

From the difference between t,, and h,,, in our measurements with h,,, > 500 nm we could
estimate the maximum amount of chip bowing, which is approximately 440 nm — 480 nm. Some
variations are anticipated due to the tolerances in the cross-sections of the O-rings. In addition,
the water layer thickness of = 40 nm observed at the edges of ViA when h,,,, < 200 nm can be
considered as the minimum achievable t,, limited by die-liquid-die compression. This value is
expected to change depending on surface treatment. It is well-known that plasma cleaning
increases the hydrophilic character of the SiNx surface. We plasma cleaned the top chip’s surface
and kept the bottom chip’s surface as produced. We found that this combination confers a desirable
degree of hydrophilicity for the dispensed droplet to self-position onto the central pillar of bottom
chip while providing high-resolution LCEM images across the complete ViA. Therefore, we
decided to carry out all LCEM measurements, including EELS experiments, following this surface
treatment protocol. Future group efforts will focus on performing the necessary modifications to
achieve t, = h,,, to avoid the necessity to carry out EELS calibration measurements to

determine the amount of die bowing.

12
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Figure 3: Liquid layer thickness measurements performed with pure water. a, b. EELS line-scan
quantification of the water layer thickness (t,,) performed from the edge to the centre of the Vi (see
Supplementary Fig. S4 for details) as a function of h,,,,. Grey traces correspond to raw data. Coloured
traces were obtained by smoothing the grey traces implementing a Savitzky-Golay filter. a. Experiments
carried out in the Talos 200X at 200 kV for h,,,,,, = 100 nm and 550 nm. b. Experiments carried out in the
Titan HB at 300 kV for h,,, = 180 nm and 630 nm. ¢, d. lllustration of the cross-sectional view of
assembled NFC in the holder’s tip. The external O-ring (bottom black ellipses) has a higher durometer than
the internal O-ring (top black ellipses) and is compressed to a larger extent to ensure the contact between
the surfaces defining h,,,,,. Due to the difference in durometer and compression there is a net force that

bows the bottom NFC chip and leads to t,, < h,,,,,,. For small spacers, i.e., h,,,,, <200 nm this die bowing

13



leads to liquid encapsulation and slight amount of membrane bulging (c). For h,,,, > 500 nm bulging is
negligible (d). Liquid layer thicknesses are in the range of t,, = 60 nm to 160 nm, which are ideal for high-

resolution LCEM.

LCEM Studies of Model Systems

The following model samples were used to test the efficacy of our LCEM system: Citrate stabilized
gold (Au) nanorods with a diameter of 15 nm and a length of 40 nm, polystyrene (PS) nanospheres
with a diameter of 100 nm, and Dioleoyl-phosphatidylcholine (DOPC) liposomes. Au
nanoparticles (NPs) are well known to give high-contrast images on account of Au’s high atomic
number, in addition the Au lattice is often utilized as a calibrant for high-resolution imaging. PS
was implemented here as a model for a low atomic number material to illustrate that high-contrast
images are possible in LCEM if the liquid layer thickness is comparable to the size of the particle.
Lastly, unstained DOPC liposomes were imaged to demonstrate the potential for bioimaging.
Samples were loaded as explained above and immediately taken to the electron microscope for

imaging.

Images obtained with the Talos 200X at 200 kV near the edge and the centre of ViA using an NFC
with h,,,, = 180 nm are shown in Fig. 4a and Fig. 4b, respectively. As expected, there is no evident
degradation of image resolution, which is an indication of negligible bulging. We did observe,
however, enhanced particle motion when moving from the edge (Supplementary Movie 2) to the
centre of ViA (Supplementary Movie 3). This finding correlates with the slight increase of t,,
caused by liquid encapsulation for h,,,, < 200 nm, vide supra. Regardless the nominal spacer
height that was in the range of 100 nm < h,,,, < 630 nm, high-quality images were obtained in

both TEM and high angle annular dark field scanning TEM (HAADF-STEM) modes. Figure 4d,

e show HAADF-STEM images recorded for Au NPs (h,,,, = 100 nm) and PS NPs (h,,,, = 550 nm),
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respectively at 200 kV. Figure 4f shows a higher resolution TEM image of a Au NP obtained in
the Titan HB at 300 kV near the ViA’s centre (Supplementary Movie 4). The line intensity profile
shows a 20% — 80% change over only = 0.9 nm. Given the cylindrical shape of the nanorod and
the relative slow CCD camera implemented in this work (frame rate of 0.5s), 0.9 nm represents an
upper limit of the spatial resolution. This observation confirms again that window bulging is indeed
negligible. Over the course of many LCEM experiments on Au NPs, we have observed a variety
of beam induced dynamics, such as nanoparticle-nanoparticle sintering, nanoparticle growth, and

bubble formation (all available movies can be found in Supplementary Information).

Furthermore, Fig. 4f shows a TEM image obtained at 200 kV for unstained liposomes in aqueous
solution. The quality of this image is remarkable for a specimen that would normally require the
use of staining agents to be observed by LCEM with sufficient contrast®®>’. We observed electron
beam induced sample damage progressing on a timescale of about a minute (Supplementary Movie
7), which provided us with sufficient time to record many images at a magnification of 22kx with

a dose rate of 1.5 electrons A2 s!.
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Figure 4: Characteristic LCEM images of model specimens. a, b. TEM (bright field) images of Au
nanorods obtained near one corner (a) and near the centre (b) of the viewing area (Vi4) in an NFC with
hpom = 180 nm. c. High-resolution TEM image of an Au nanorod in an NFC with h,,,, = 100 nm. The
yellow trace corresponds to the intensity profile along the yellow line crossing the NP and shows a 20%-
80% intensity change in = 0.9 nm. d, e. High angle annular dark field (HAADF) scanning transmission
electron microscopy (STEM) images. d. Au nanorods in an NFC with h,,,,, = 100 nm. e. PS nanospheres
in an NFC with h,,,,,, = 550 nm. f. TEM image of unstained DOPC liposomes. All images with the exception
of a were recorded near the centre of ViA of the NFCs. All images were obtained at 200kV with the
exception of ¢, which was recorded at 300 kV. NFCs in these experiments had SiNx windows with a

thickness 30 nm (each) and a ViA =~ 20 ym x 20 ym.

Figure 5 illustrates additional high-resolution images of a Au NP isolated from Supplementary

Movie 8, which was recorded under similar conditions to Fig. 4¢ and Supplementary Movie 4, i.e.,
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near the centre of ViA at high resolution. This Au NP was found to remain relatively stationary,
which is likely due to the enhanced interaction with one of the windows upon electron beam
induced disruption of its stabilizing organic (citrate) capping layer!2. In this case and despite the
limited capabilities of the employed CCD electron detector, we observed clear (2 0 0) and (1 1 1)-
lattice planes with interplane distances of = 0.20 nm and 0.23 nm, respectively (Fig. 5b). Planes
were found to appear and disappear as the Au NP experiences slight changes of orientation with
respect to the direction of the incident electron beam. Fourier and image analyses reveal that the
central Au NP is composed of three single crystallites delineated with different colours in Fig. 5a.
This observation suggests that this Au NP was formed following electron beam induced particle-
particle sintering and partial dissolution. The most noteworthy features in these TEM images are
the small darker areas indicated by arrows. These correspond to Au nanoclusters/NPs with sizes
ranging from ~ 1 nm to 2 nm*->%. For reference, the Aus cluster has a size of = 0.85 nm®.
Therefore, our LCEM method allowed us to resolve small Au clusters. We then hypothesize that
the beam-induced™ areal growth rate of 25 nm? s™! of the Au NP observed towards the end of
Supplementary Movie 8 may arise via nanocluster’® or particle coalescence®. Note that Au
nanoclusters freely experiencing Brownian motion in solution should not be observed with the

implemented frame rate.
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Figure 5: High-resolution LCEM imaging of Au NPs in solution. a. TEM image obtained in the Titan HB
at 300 kV. Both (200) and (111) lattice planes were identified with interplane distances of 0.20 nm and 0.23
nm, respectively. The analysis reveals that this NP is comprised of three crystallites with the approximate
interfaces delineated by dashed lines. This image was arbitrarily selected to define the time origin. b. A fast
Fourier transform of the image shown in a with spots corresponding to (200) and (111) Au lattice planes.
The colours correlate with each of the three crystallites in a. c-e. A sequence of TEM images of the same
Au NP at later times showing growth. Small darker regions with sizes in the range of * 1 nm — 2 nm are
clearly identifiable and were indicated by yellow arrows in e to guide the eye. These regions correspond to

small Au clusters. Time stamps in seconds are indicated on the bottom right corner of each image.

Conclusions

We presented a method which has solved window bulging — a long-lasting issue impacting the
attainable resolution and field of view in LCEM. Our static NFC architecture and drop-casting
loading approach are compatible for use with different types of membrane materials. Moreover,
our air-free loading approach is broadly applicable and shows great promise in facilitating the

assembly of other types of NFCs that are susceptible to air encapsulation. This key combination
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provides reproducible high-resolution imaging conditions. Our results in the study of unstained
liposomes are very promising and pose to drastically improve with 5-nm thick SiNx windows that
are currently in development. Note that in terms of electron beam transmittance™, tsin, = 10 nm
corresponds approximately to t,, ® 40 nm (Supplementary Note 5). Therefore, the difference in
electron transmission relative to a GC can be, up to some degree, compensated by a slight reduction
of the liquid layer thickness. Hence, we think that our LCEM technology will soon rival GCs by
providing similar spatial resolution, higher throughput, and a much larger ViA, traits which are

essential for LCEM to advance the field of bioimaging.
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