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ABSTRACT 

Strategies to visualize cellular membranes with light microscopy are restricted by the 

diffraction limit of light, which far exceeds the dimensions of lipid bilayers. Here, we describe a 

method for super-resolution imaging of metabolically labeled phospholipids within cellular 

membranes. Guided by the principles of expansion microscopy, we develop an approach featuring 

cell-permeable reagents that enables direct chemical anchoring of bioorthogonally labeled 

phospholipids into a hydrogel network and is capable of tunable, isotropic expansion, thus 

facilitating super-resolution imaging of cellular membranes. We apply this method, termed lipid 

expansion microscopy, to visualize organelle membranes with precision, including a unique class 

of membrane-bound structures known as nuclear invaginations. As it is compatible with standard 

confocal microscopes, lipid expansion microscopy will be widely applicable for super-resolution 

imaging of phospholipids and cellular membranes in numerous physiological contexts. 

 

MAIN TEXT 

Biological membranes have many essential functions, most fundamentally to encapsulate 

cells and organelles. The formation of membranous structures such as invaginations and 

protrusions, inter-organelle contact sites, and microdomains are critical for cell trafficking and 

signaling events.1,2 Membranes are primarily composed of phospholipids, making methods to 

visualize these biomolecules vital to understanding cellular functions.3–5 However, techniques to 

accurately image phospholipids with fluorescence microscopy are challenged the by the 

impermeable nature of the membrane and dimensions of the lipid bilayer, which are smaller than 

the diffraction limit of light.6 
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Super-resolution imaging techniques including stimulated emission depletion (STED) and 

single-molecule localization microscopy (SMLM) can surpass the diffraction limit and enable 

imaging of lipids within membranes.7–10 However, these techniques require specialized setups and 

procedures, limiting such imaging to laboratories with the required instrumentation and expertise. 

Expansion microscopy (ExM) has emerged as a powerful and accessible alternative super-

resolution imaging strategy, wherein target biomolecules are anchored to a hydrogel network that 

is swollen to expand the physical size of a sample by ~5x, spatially separating signal and enabling 

high-resolution imaging with standard fluorescence microscopes.11–15 Specialized versions of ExM 

can increase the expansion factor to 15x, enabling imaging of a wide variety of cellular structures 

in situ.16–22 Though traditional ExM protocols involve permeabilization, and thus lipid removal, 

prior to expansion and imaging, certain adaptations have allowed for imaging of membranes. For 

example, unnatural crosslinkable hydrophobic probes can intercalate into membranes, mimicking 

natural lipids and allowing retention for ExM imaging.23–26 Alternatively, metabolic labeling of 

native phospholipids has also been leveraged for expansion of membranes using click-ExM, which 

anchors lipids to the hydrogel network through a biotin-streptavidin conjugation.27 Notably, these 

methods require at least mild permeabilization of the membrane, which can compromise its 

integrity and potentially alter its structure, to ensure a uniform distribution of ExM reagents and 

isotropic expansion of samples.  

We were motivated by a desire to visualize lipids using ExM with molecular detail while 

preserving the structural integrity of the membranes. Here, we present an approach involving 

metabolic labeling of natural phospholipids, a trifunctional fluorophore for the tagging and 

tethering of lipids to the hydrogel, and membrane-permeable expansion reagents (Figure 1A). This 

method, termed Lipid Expansion Microscopy (LExM), allows for the tunable and isotropic 

expansion of membranes through direct anchoring of phospholipids into the polymer network 

without permeabilization. We demonstrate that LExM is a general method for the expansion of 

metabolically labeled lipids to enable super-resolution imaging of organelle membranes, and we 

apply LExM to visualize sub-diffraction scale invaginations of the nuclear membrane and their 

membrane-bound cytoplasmic contents. 
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Figure 1. (A) Scheme of lipid expansion microscopy (LExM). (B) Structure of trifunctional 
reagent 1. (C) Propargylcholine (ProCho) incorporation into phospholipids through the Kennedy 
pathway. CK: choline kinase, CCT: CTP:phosphocholine cytidylyltransferase, CPT: 
cholinephosphotransferase. (D) Confocal imaging of cells metabolically labeled with ProCho and 
tagged with 1 via CuAAC. Scale bar: 30 µm.  
 

To incorporate phospholipids directly into the hydrogel network, we designed and prepared 

trifunctional LExM reagent 1 (Figure 1B), which is equipped with (i) an azido group for tagging 

alkyne-labeled biomolecules via Cu-catalyzed azide-alkyne cycloaddition (CuAAC), (ii) a 

BODIPY fluorophore for imaging pre- and post-LExM, and (iii) a methacrylamide polymerizable 

unit for direct incorporation into the hydrogel network. We validated that 1 is membrane-

permeable and capable of imaging bioorthogonally labeled lipids by confocal microscopy imaging 

of HeLa cells tagged with 1 after treatment with propargylcholine (ProCho), an alkynyl analog of 

choline that is metabolically incorporated into phosphatidylcholine (PC) and other choline-

containing lipids (Figure 1C).28 We observed a strong fluorescent signal from many intracellular 

membranes, consistent with the broad distribution of PC in mammalian cells (Figure 1D). 

Importantly, the signal was ProCho-dependent, indicating that 1 is specific for alkyne-labeled 

phospholipids (Figure S1). 

A key feature of ExM is isotropic sample expansion, which is achieved by disrupting 

membranes with permeabilization to enable uniform diffusion of polymerization reagents 

throughout the sample.29 This step is critical for incorporation of ionic monomers needed for the 

final osmotic expansion step, and for streptavidin-based anchoring strategies where such 

macromolecular fluorescent labeling reagents are membrane-impermeable.15,26,27  To ensure that 



 4 

monomers are evenly distributed in LExM, we used uncharged, membrane-permeable monomers 

that are hydrolyzed, post-polymerization, to yield ionic residues necessary for expansion.21  

Our optimized LExM protocol involves metabolic labeling of cells with ProCho, fixation, 

fluorescent tagging with 1 via CuAAC, polymerization in the presence of acrylamide and bis-

acrylamide monomers, denaturation and hydrolysis, and finally expansion, followed by 

visualization by traditional or Airyscan confocal microscopy (Figure 1A). Excitingly, we observed 

signal from expanded samples, demonstrating that 1 is a suitable chemical anchor that directly 

incorporates labeled lipids into the hydrogel network (Figure 2A). Using a 4 h hydrolysis step, 

LExM afforded a 6.8x expansion factor, enabling visualization of fine structures, e.g., the nuclear 

envelope, which is clearly distinguished from other intracellular membranes (Figures 2B–C). 

 

 
Figure 2. (A) Confocal images of the same cell metabolically labeled with ProCho pre-LExM 
(left) and post-LExM (right). Expansion factor is displayed in the upper right corner of the post-
LExM image. (B) Pre-LExM (left) and post-LExM (right) boxed areas in A. Scale bars (pre-LExM 
distance): 5 µm (A), 2 µm (B). (C) Fluorescence intensity profile line plots for dotted lines in pre- 
and post-LExM images. Arrowhead indicates nuclear envelope. (D) Expansion factors of samples 
hydrolyzed for 2, 4 and 8 h (left). Statistical significance: ANOVA (one-way, Tukey). * p < 0.05, 
*** p < 0.001. Root mean square (RMS) error as a function of measurement length generated by 
non-rigid registration of pre- and post-LExM images (right, n=6). 
 

Next, we assessed the ability of LExM to expand samples in a tunable and isotropic fashion. 

We varied the acrylamide to acrylate hydrolysis time and compared pre- and post-LExM images 
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of the same area using rigid registration to determine expansion factors. Hydrolysis times of 2, 4, 

and 8 h gave expansion factors of ~5.0x, ~6.4x and ~7.8x respectively, confirming that LExM 

enables the tunable expansion of membranes (Figure 2D). Comparison of pre- and post-LExM 

images with non-rigid registration revealed minimal distortion of samples, with a root mean square 

(RMS) error of <3% for distances of up to 10 µm, demonstrating that LExM enables the isotropic 

expansion of tagged lipids (Figure 2D). 

We next sought to harness the enhanced resolution afforded by LExM to identify the 

locations of metabolically labeled PC, an analysis that is challenged by the broad distribution of 

this phospholipid and the close juxtaposition of organelles at membrane contact sites.30 This goal 

required adaptation of LExM to enable colocalization studies with organelle markers using 

immunofluorescence. Comparisons of pre- and post-LExM images of cells immunostained for a 

transfected ER marker revealed that areas with high colocalization could be clearly delineated 

from other closely associated membranes in the post-LExM image at a level of detail absent in the 

pre-LExM image (Figure 3A). An examination of representative line plots of fluorescent profiles 

from each image showed clear peaks separated by ~100 nm in the post-LExM image, in contrast 

to peaks ~300 nm width in the pre-LExM image. Similar increases in resolution were seen in post-

LExM images of labeled PC with markers of the Golgi complex and mitochondria (Figures 3B–

C), with the latter enabling specific visualization of the outer mitochondrial membrane compared 

to other associated membranes containing tagged PC.31 Together, these colocalization experiments 

demonstrate the ability of LExM to generate super-resolution images that can precisely identify 

the locations of PC-containing membranes. 
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Figure 3. Pre- (left) and post-LExM (middle) Airyscan confocal images of a cell transfected with 
organelle marker (magenta; mRFP-Sec61β, ER (A); mCherry-PH(OSBP), Golgi complex (B); 
OMP25TM-mCherry, mitochondria (C)) then metabolically labeled with ProCho (green), with 
fluorescence intensity profile line plots of the pre- (dotted line) and post-LExM (solid line) images. 
Expansion factors are displayed in the upper right corner of post-LExM images. Dotted and solid 
lines on images indicate profiles measured for line plots. Scale bars (pre-LExM distance): 400 nm. 
 

Whereas metabolic labeling of phospholipids with ProCho enables measurement of bulk 

membrane lipids, many important signaling phospholipids, such as phosphatidic acid (PA), are 

generated at much lower levels.32 We have developed a method termed IMPACT to visualize the 

activity of phospholipase Ds (PLDs), which generate PA, by leveraging the ability of these 

enzymes to attach bioorthogonally labeled primary alcohols onto phospholipids in a 

transphosphatidylation, or head group exchange, reaction (Figure 4A).33–36 To establish LExM as 

a more general strategy for ExM-based imaging of alkyne-labeled lipids, we subjected cells to 

IMPACT labeling with the PLD substrate hexynol, CuAAC tagging with 1, and the LExM 

protocol. Consistent with the ProCho-based LExM studies, IMPACT labeling generated samples 

with a 5.6x expansion factor (at the 4 h hydrolysis timepoint) and fluorescence signal that 

correlated well with the pre-LExM image (Figure 4B). The enhanced resolution of the post-LExM 

image also enabled identification of distinct membranes in crowded areas, e.g., the nuclear 

envelope (Figure 4B–C). Samples generated with IMPACT were similarly obtained in a tunable 

manner with isotropic expansion and were amenable to colocalization studies with organelle 



 7 

markers (Figures S2–S3). Importantly, treatment with a pan-PLD inhibitor prevented fluorescent 

labeling in pre-LExM images (Figure S2). 

 

 
Figure 4. (A) Cells were labeled via IMPACT in the presence of hexynol followed by CuAAC 
tagging with 1. (B) Pre- (left) and post-LExM (right) confocal images of cells labeled with 
hexynol. Expansion factor is displayed in the upper right corner of the post-LExM image. (C) Pre-
LExM (left) and post-LExM (right) boxed areas in A. Scale bars (pre-LExM distance): 3 µm (A). 
2 µm (B). (D) Fluorescence intensity profile line plot for dotted lines in pre- (black) and post-
LExM (red) images. Arrowhead indicates nuclear envelope. 
 

Finally, we applied LExM to study specific sub-diffraction scale cellular structures. 

Metabolic labeling of phospholipids revealed channels that traverse nuclei, which we hypothesized 

were a unique class of structures known as nuclear invaginations (Video S1). These channels, 

comprised of nuclear membrane surrounded by lamina that envelop cytoplasmic contents, can 

travel through nuclei.37,38 Because of their narrow dimensions, their detailed analysis has been 

limited to electron microscopy and traditional super-resolution microscopy (e.g., 

STED/SMLM).7,8,39,40 To visualize these membrane-bound structures with ExM, we labeled cells 

expressing a nuclear lamina marker with ProCho and performed the LExM protocol. Inspection of 

post-ExM images revealed channels that were surrounded by lamina, confirming their identity as 

nuclear invaginations (Figure 5A). Analysis of fluorescent profiles across individual channels 

revealed fluorescence signal from metabolically labeled lipids in the center of the channel, 

suggesting that LExM can identify intact cytoplasmic organelles contained within these nuclear 
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invaginations (Figure 5A). Indeed, cells labeled by LExM exhibited strong colocalization of an 

ER marker and ProCho within the channel (Figure 5B). Further, we detected similar large nuclear 

invaginations in IMPACT-labeled samples co-labeled with a mitochondrial marker, in which the 

outer mitochondrial membrane could be distinguished from other associated membranes within 

the channel (Figure 5C). Collectively, these experiments indicate that LExM, with multiple types 

of metabolic and organelle labels, can detect organelles associated with nuclear invaginations, 

demonstrating LExM as a powerful method for detailed analysis of intracellular structures. 

 

 
Figure 5. Cells were transfected with organelle markers (mRFP-Lamin A, nuclear lamina (A); 
mRFP-Sec61β, ER (B); OMP25TM-mCherry, mitochondria (C)) and metabolically labeled with 
ProCho (A–B) or hexynol via IMPACT (C). Fluorescent intensity profile line plots generated from 
dotted line in merge images. Airyscan confocal images are zoom-ins focused on nuclear channels 
with metabolic labeling of lipids (left, green in merge), organelle markers (middle, magenta in 
merge), and merged image (right, colocalization appears as white). Expansion factors are displayed 
in the upper right corner of merged images. Scale bars (pre-LExM distance): 500 nm (A), 300 nm 
(B), and 1 µm (C). 
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In summary, LExM is a general method for super-resolution imaging of lipid species within 

cellular membranes. It exploits cell-permeable reagents that enable direct anchoring of 

metabolically labeled lipids to a hydrogel network, permitting tunable and isotropic expansion 

without detergent-based permeabilization, to preserve and illuminate molecular and structural 

details. LExM is compatible with metabolic labels both for bulk phospholipids and low-abundant 

signaling lipids, enabling high-resolution visualization of organelle membranes and subcellular 

structures with dimensions smaller than the diffraction limit of light. With accessible reagents and 

requiring only a standard confocal microscope, we envision that LExM will democratize high-

resolution imaging of lipids and membranes. Further, the reagents developed for LExM should be 

useful for ExM-based high-resolution imaging of metabolites, small-molecule biosensors, glycans, 

and other protein posttranslational modifications amenable to bioorthogonal metabolic or 

chemoenzymatic labeling. 
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