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Abstract 

Bioorthogonal chemistry has allowed the study of biomolecules in living systems with minimal 
structural perturbations to the molecules under investigation. In the field of lipid research, this has 
allowed for the study of lipid uptake and processing, whilst minimising artefacts on their biology 
resulting from pendant detectable groups. To allow the study of unsaturated free fatty acids in live 
cells, we here report the use of sterculic acid, a 1,2-cyclopropene containing oleic acid analogue, as a 
bioorthogonal probe. We here show that this lipid can be readily taken up by dendritic cells without 
toxic side-effects, and that it can subsequently be visualised in live cells using an inverse electron-
demand Diels-Alder (IEDDA) reaction with quenched tetrazine fluorophores. Furthermore, this 
reaction can be integrated into a multiplexed bioorthogonal reaction workflow by combining it with 
two sequential copper-catalysed Huisgen ligation reactions. This allows for the study of multiple 
biomolecules in the cell simultaneously by multimodal confocal imaging.  
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Main Text 

Lipids serve a myriad of roles in biology, as catabolic carbon source[1], as components of cellular and 
organellar membranes[2], post-translational protein modifications[3], and signalling molecules[4]. The 
study of their contributions in biology is complicated by their lack of direct genetic encoding, their 
inherent lipophilicity, and the fact that chemical modification, e.g. with pendant fluorophores, can 
severely alter their structure and biochemical properties.[5]  

As a result, major efforts have gone into applying bioorthogonal chemistry to the study of lipid 
biochemistry. By introducing small terminal alkynes and azides in fatty acid tails[6–11], 
phospholipids[12,13], sphingolipids[14], and cholesterol[15–17], it has been possible to study lipids with only 
minimal modifications compared to the endogenous molecules. This strategy reduces the chances of 
the modifications affecting the native function of the lipid, and has successfully been used to study 
lipid localisation[10,12,13,17], metabolism[11,16], and trafficking[18–20], as well as post-translational lipidation 
of proteins (reviewed by Distefano and co-workers[21]). However, the downside of labelling with 
alkynes/azides has been the lack of availability of live-cell compatible chemistries that can be used with 
low background reactivity and fast rates.[22,23] Another complicating factor when performing 
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bioorthogonal ligation on lipids is imposed by the hydrophobic environment in which the labels reside. 
Optimising the fluorescent reaction partners, particularly for live-cell imaging, is thus necessary. 

In 2008, the groups of Fox and Weissleder reported the inverse electron demand Diels-Alder (IEDDA) 
reaction – the reaction between an electron-poor diene, such as a tetrazine, and a strained or electron-
rich dienophile – as a new bioorthogonal reaction.[24,25] This reaction was considered highly favourable 
for live-cell use, due to its high rates and the fluorescence quenching properties of the tetrazine 
(reviewed by Bernardes and co-workers[26]). The most used dienophile, trans-cyclooctene (TCO), is a 
relatively large modification compared to alkynes or azides[27], but has been used successfully to label, 
among others, the Golgi-membrane with a TCO-modified ceramide probe.[28,29] However for lipids, 
where chemical modifications to the structure can largely affect their function, smaller dienophiles 
were needed.[5,19] An important advance in the application of the IEDDA reaction to live-cell studies of 
lipid function, was the development of sterically minimal dienophiles. To this end allyl-thiols were 
reported by Bernardes and co-workers.[30] However, these proved to have rather slow reaction kinetics 
(≤ 0.002 M-1s-1). Devaraj and co-workers[31], and Prescher and co-workers[32] simultaneously reported 
cyclopropenes, so-called MiniTags, as minimal reactive dienophiles[33,34]. The cyclopropenes have been 
incorporated into phospholipids, capable of reacting with rate constants of 13 M-1s-1 in an IEDDA 
reaction[31], and are only slightly larger than alkynes and azides[27], making them an attractive 
alternative to TCO. Cyclopropenes are also reported to have been incorporated into glycans[32,35], and 
nucleotides[36], combined with live-cell IEDDA reaction and imaging, emphasising their applicability as 
a bioorthogonal probe.  

 
Figure 1: Schematic of the approach to label cells with sterculic acid (1), followed by an IEDDA reaction with 
tetrazine fluorophores to allow for live-cell confocal imaging, due to fluorophore unquenching upon reaction. 
 

As discussed by Row and Prescher, it is often useful to look to nature for new bioorthogonal probes, 
as even rare motifs present in natural products indicate stability and compatibility in living systems.[27] 
In light of this, Nunn’s 1952 discovery[37] of the plant metabolite sterculic acid (StA, 1), a carbocylic fatty 
acid[38] found in the kernels of Sterculia foetida, piqued our interest. This 18-carbon cis-unsaturated 
lipid contains a naturally occurring 1,2-substituted cyclopropene-ring at C9-C10. In plants, it is 
synthesised by first addition of a methylene unit to the double bond of oleic acid (18:1, cis-9), followed 
by enzymatic dehydrogenation to yield the cyclopropene ring.[39] We were curious whether this oleic 
acid analogue could be used in live-cell compatible labelling chemistry, as it is known to be biologically 
stable and represents a minimal structural modification of one methylene compared to the parent 
oleic acid structure. Furthermore, all bioorthogonal IEDDA applications have been explored for 



 
 

cyclopropenes with 1,3-, 3,3- or 1,2,3-substitution patterns[31,32,40], whereas there has been no report 
of a 1,2-substituted cyclopropene as a bioorthogonal probe.  

Here, we explore the use of 1 as a bioorthogonal reagent, assessing both its ligation kinetics, short-
term toxicity and live- and fixed-cell imaging capacity. We show the fatty acid is taken up readily by 
dendritic cell lines, and can be used for live-cell microscopy (Figure 1). We furthermore explore the 
reaction in a multiplexed reaction setup.[41] Multiple groups have previously described that it is possible 
to combine up to three bioorthogonal ligation reactions in a triple mutually orthogonal system, which 
allows the tracking of multiple bioorthogonally labelled biomolecules in a single sample.[42–44] We have 
focussed our efforts in this area in the multiplexing of two copper-catalysed Huisgen ligations 
(CCHL).[45] We here explore whether the reagent also proved compatible with the copper-catalysed 
Huisgen ligation (CCHL), allowing us to perform a triple-click reaction. These experiments all indicate 
that 1 is a valuable reagent to study fatty acid uptake in cells.  
To assess whether 1 could be used in a live-cell IEDDA reaction, we designed and synthesised a small 
library of tetrazine-containing turn-on fluorophores for optimisation of the reaction (Scheme 1). 
Tetrazines have a broad absorption spectrum, which peaks around 515 nm, meaning it can efficiently 
quench fluorescent dyes of wavelengths ≤ 550 nm via fluorescence resonance energy transfer 
(FRET).[46] Therefore, tetrazine fluorophores are so-called turn-on fluorophores, where their 
fluorescent intensity increases upon ligation, and their reaction with 1 can be readily quantified. We 
selected two different green fluorophores, BODIPY and Alexa Fluor 488 (AF488), and ligated these to 
three differently substituted tetrazines (H-, methyl- or pyridyl-substituted). Additionally, we attached 
the tetrazines to the BODIPY core at two different distances, as previous research has shown that 
decreasing the distance between the fluorophore and the tetrazine can improve the quenching 
effect.[47,48] 

Tetrazines 3-5 were synthesised according to a literature procedure.[49] The free amine of 4-
(aminomethyl) benzonitrile was protected using di-tert-butyl dicarbonate and DIPEA to yield precursor 
2. This compound was converted into N-Boc-protected aminoalkyltetrazines 3-5 by a Lewis acid 
catalysed condensation of nitriles with hydrazine, followed by oxidation with sodium nitrite under 
acidic conditions. The protected amine of tetrazine 3-5 was deprotected using HCl/dioxane and 
immediately coupled to the commercially available AF488 and BODIPY-FL via an NHS coupling, 
resulting in tetrazine fluorophores 6-11. 
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Scheme 1: The synthesis of the tetrazine fluorophores 6-11 and 19-20. a) Boc2O, NaOH, H2O. b) (1) NH2NH2, 
Zn(OTf)2, acetonitrile/ 2-cyanopyridine or formamidine acetate. (2) NaNO2 in DCM/AcOH (1:1, v:v). c) (1) 4 M HCl, 
dioxane/DCM (1:1, v/v) (2) AF488-NHS or BODIPY-FL NHS, DIPEA, DCM. d) (1) 2,4-Dimethylpyrrole, TFA. (2) DDQ. 
(3) TEA, BF3.OEt2. (e) DMP, DCM. 



 
 

For the other BODIPY tetrazines, we first followed the synthesis previously published by Weissleder 
and co-workers.[48] However, we found that the conditions needed to form a tetrazine on precursor 12 
were too harsh for the BODIPY core, and only a trace amount of product was formed. To circumvent 
this issue, we first synthesised tetrazines 13-15 starting from commercially available 3-cyanobenzyl 
alcohol.[50] Each respective tetrazine alcohol was then oxidised into an aldehyde using Dess–Martin 
periodinane, resulting in tetrazine 16-18. To form BODIPY 19 and 20, tetrazines 16 and 17 were reacted 
with 2,4-dimethylpyrrole to form the dipyrromethene precursors, which were subsequently oxidised 
using DDQ and reacted in a chelation reaction with boron trifluoride. Unfortunately, tetrazine 18 
proved too unstable to withstand the BODIPY formation. 

To investigate the fluorescence turn-on of our synthesised fluorophores upon reaction with 1, the 
fluorophores were incubated with 1 in either PBS, DMSO/H2O (1:1, v/v) or complete RPMI 1640 
medium augmented with 10% fetal calf serum, and the fluorescent signal measured over time (Figures 
2 and S1). In line with previous reports, the two BODIPY tetrazines 19 and 20 showed the highest turn-
on ratio in PBS, followed by BODIPY FL tetrazines 6-7.[47,48] It was also found that pyridyl-substituted 
tetrazines 7 and 20 reacted faster than methyl-substituted tetrazines 6 and 19, as reported by the 
Hilderbrand group.[51] It was not possible to determine the relative reaction rate of H-substituted 
tetrazines 8 and 11, as they show almost no turn-on in PBS. Some loss of fluorescence, likely due to 
photobleaching, was also observed for 19 and 20. In DMSO/H2O or complete medium little-to-no turn-
on was observed for all the fluorophores (Figure S1).  

 
Figure 2: Turn-on ratio of tetrazine fluorophores 6-11 and 19-20 upon reaction with 1 in PBS at 25°C. 

 

Due to the capricious turn-on behaviour in medium and DMSO/H2O, we opted to assess them all for 
the live-cell imaging of 1 (Figure S2). In contrast to cell-free medium results, 6-8 and 19-20 exhibited 
successful ligation after uptake of 1 by DC2.4 dendritic cells[52]. This cell line was chosen due to its 
excellent imaging properties and our previous experience in using it as a good in vitro model cell line 
for optimising bioorthogonal chemistry to study dendritic cell biology.[53] The Alexa Fluor-based dyes 
9-11 were unable to react with 1 in live cells. This is probably due to the hydrophilic nature of these 
fluorophores not allowing them to diffuse over the hydrophobic plasma membrane. Fluorophore 19 
showed the brightest labelling with the lowest background fluorescence, allowing for imaging at lower 
laser intensities. As this leads to less bleaching of the sample, 19 was deemed to be the best 
fluorophore for live-cell imaging (Figure 3A). For the brightness of the labelling in live cells, it appears 
to not make a difference which substituent is on the tetrazine core, and either H-, methyl- or pyridyl-
substituted tetrazines work equally well. As well as being dependent on fluorophore structure, the 



 
 

labelling of 1 in live cells is also dependent on fluorophore concentration in a dose-dependent manner, 
and on fluorophore incubation time (Figures S3 and S4).  

 

 
Figure 3: Confocal imaging of the best fluorophores to label 1 (+StA) in live (A) or fixed (B) DC2.4 cells, as well as 
cells incubated without the probe (-StA). (A) Live-cell imaging showing a single slice of labelled cells visualised 
with 19. (B) Maximum intensity projection of fixed and permeabilised cells visualised with 8. DNA was 
counterstained with Hoechst 33342 (blue) for reference. All scale bars represent 10 µm. 

 

To evaluate whether 1 was also able to react with tetrazine fluorophores in fixed cells, we tested the 
fluorophore library on fixed and permeabilised cells (Figure S5). Consistent with the results found in 
live cells, fluorophores 6-8 were able to visualise the localisation of 1. As opposed to the live-cell 
imaging, 9-11 showed labelling in fixed and permeabilised cells. However, the intensity of the signal of 
9 and 10 was too low to be detected at the same laser settings as 6-8. Upon increasing the laser 
intensity, these fluorophores also showed signal over background (Figure S6). The signals of 19 and 20 
were the brightest of the library, but showed oversaturated spots in fixed cells, which could originate 
from precipitation of the fluorophores under the reaction conditions. Fluorophore 8 was deemed to 
be the best alternative for fixed cells, due to its bright and consistent labelling (Figure 3B). A general 
trend seen from our tetrazine library in fixed cells is that the H-substituted tetrazines give the brightest 
signal, followed by the pyridyl tetrazines.  

In both live and fixed cells (Figure 3), the localisation of 1 can be observed throughout the cells, except 
for within the nucleus. As exogenous free fatty acids can be readily incorporated into phopsholipids 
and other lipids via an acyl coenzyme A intermediate[54], this would suggest that labelling of organellar 
membranes also occur. This is in keeping with 1 serving as a mimic for oleic acid, which is known to be 
found ubiquitously in membrane lipids.[55] In fixed cells (Figure 3B), which are displayed as maximum 
intensity projections, it is also apparent that the fluorescent signal appears to be stronger in the 
endoplasmic reticulum (ER). This can be explained by incorporation of the free fatty acids into 
phospholipids through Lands’ cycle and the Kennedy pathway, which occurs mainly at the ER.[56] 

Comparisons between the turn-on study (Figure 2) and microscopy (Figures S2 and S5) show that the 
in vitro results cannot be consistently translated to the cell experiments. For both live- and fixed-cell 
imaging fluorophore 8 gave a bright and clear signal over background, and was even deemed the best 
fluorophore for fixed-cell imaging, whereas it showed almost no turn-on in vitro in PBS. This 
discrepancy accentuates the importance of studying bioorthogonal reactions in complex systems.  



 
 

Multiplexing of bioorthogonal reactions is growing in popularity, meaning more complex systems can 
be studied simultaneously.[57] We have previously shown that two copper-catalyzed Huisgen reactions 
can be combined in the same sample.[45] Here, we wanted to explore whether the sterculic acid ligation 
could be included in this workflow, allowing three biomolecules to be simultaneously visualised by 
multimodal fluorescent imaging. DC2.4 cells were metabolically labelled with the alkyne-containing 
thymidine analogue 5-ethynyl-2’-deoxyuridine (EdU)[58], the azide-containing palmitic acid analogue 
15-azidopentadecanoic acid (azido palmitic acid, azPA) and 1, after which the cells were fixed before 
performing the corresponding bioorthogonal reactions with AZDye™ 555-azide, AZDye™ 647-alkyne 
and compound 7, respectively (Figure 4).  

Figures 4 and S7 show that the triple bioorthogonal labelling strategy worked well, with good signal-
to-noise ratios for all three click reactions, indicating that 1 does not have detectable cross-reactivity 
with the CCHL components. This means that 1 can be used in combination with other click chemistries, 
allowing for the simultaneous study of multiple biomolecules. In addition, the chemical synthesis of 1 
from its precursor stearolic acid via a Simmons-Smith reaction has previously been reported[59], and 
stearolic acid can in turn be synthesised from oleic acid via bromination-dehydrobromination.[60] This 
opens the door for the synthesis of cyclopropene analogues of other monounsaturated fatty acids, and 
their subsequent study by the IEDDA bioorthogonal reaction.  
1 is reported to be an inhibitor of the enzyme stearoyl-CoA desaturase 1 (SCD1) which catalyses the 
transformation of saturated fatty acids such as stearic or palmitic acid to their monounsaturated 
counterparts oleic or palmitoleic acid, respectively.[61] Lowered activity of SCD1 has been linked to 
various cellular responses such as ER stress, autophagy, and apoptosis[61], which in turn poses the 
question if the addition of 1 would be toxic to the cells by its inhibiting effect on SCD1. To ensure that 
this was not the case, we incubated DC2.4 cells with a concentration range of 1 and measured cell 
viability after 24 h by 3-(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide (MTT) assay 
(Figure S8). No decrease of DC2.4 cell viability was observed for concentrations of 1 up to 50 µM and 
at higher concentrations there was no difference with vehicle-induced toxicity. Nevertheless, 
inhibition of SCD1 should be taken into account in future use of cyclopropene-modified lipids.  

 



 
 

       

Figure 4: Maximum intensity projections showing triple bioorthogonal labelling of DC2.4 cells incubated with (A) 
5-ethynyl-2’deoxyuridine (EdU, yellow) for 20h, followed by 1 (StA, green) and azido palmitic acid (azPA, red) 
simultaneously for 1 h. The probes were visualised with AZDye™ 555-azide, compound 7, and AZDye™ 647-
alkyne, respectively. (B) The cells were incubated without probes and treated in the same triple-click manner as 
described above to show the background signal. DNA was counterstained with Hoechst 33342 (blue) for 
reference. All scale bars represent 10 µm.  

Here we have reported the first use of sterculic acid, a non-toxic 1,2-substituted cyclopropene-
containing fatty acid, for studying lipids in both live and fixed cells. The cyclopropene moiety readily 
reacts with tetrazines, allowing the study of fatty acid localisation by confocal microscopy. This 
reaction can occur in a mutually orthogonal manner with two subsequent CCHL reactions, allowing the 
study of multiple biomolecules simultaneously. The use of sterculic acid, combined with a reported 
generally applicable synthesis of cyclopropene-containing fatty acids, means that lipids can now be 
visualised using live-cell microscopy; a sorely needed addition to the available tools for these elusive 
biomolecules.  
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