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Abstract: Peptide polymer amphiphiles (PPAs) are highly tunable hybrid materials that achieve complex, protein-
like assembly landscapes by combining sequence-dependent properties of peptides with the structural diversity of 
polymers. Despite their promise as functional biomimetic materials, determining how polymer and peptide properties 
simultaneously affect PPA self-assembly remains challenging. We herein present a systematic study of critical 
components within the PPA design space that dictate the self-assembled morphologies. PPAs containing hydrophobic 
oligo(ethyl acrylate) were used to interrogate the role of polymer molecular weight and dispersity in addition to peptide 
length and charge density on self-assembly. We observed that PPAs predominantly formed spherical particles 
(micelles and vesicles), with both polymer molecular weight and peptide hydrophilicity determining morphology. 
Additionally, peptide charge and polymer dispersity influence particle size. These key benchmarks will facilitate the 
rational design of PPAs that expand the scope of biomimetic and biocompatible functionality within assembled soft 
materials.  

Introduction 

The breadth of tools for controlling the structure and self-assembly of synthetic polymers has recently expanded, 
bringing synthetic soft materials closer to the catalytic, structural, and templating capabilities of natural proteins.[1–4] 
Unlike smaller molecules, synthetic polymers have complex, protein-like energetic landscapes that govern their self-
assembly, providing the basis for mimicking the morphology-driven functionality of proteins.[5,6] Synthetic polymers 
can further build upon the abilities of proteins through the range of chemical structures available to non-biological 
systems via monomer scope and backbone architecture,[7] enabling protein-like behavior in non-biological settings 
and non-native functions. However, the direct rational design of protein-like polymer assemblies is challenged by our 
limited ability to determine how multiple inter- and intramolecular interactions will dictate the complex chemical 
assembly landscapes.  

Peptide amphiphiles provide a tunable assembly landscape with which to model relationships between chemical 
structure, hierarchical self-assembly, and protein-like function.[8] Similar to proteins, peptide amphiphiles frequently 
use hydrophobic collapse to arrange sequence-defined peptides in space and to control the surrounding chemical 
environment.[1,4] As peptide sequences can be borrowed directly from natural proteins to create synthetic peptide 
amphiphiles, biomimetic functionality can be introduced into self-assembled nanostructures with defined 
morphologies facilitating the study of effects of local environment on peptide activity.[9,10] For example, peptide-lipid 
conjugates have generated assemblies capable of catalysis,[10,11] metal-binding,[12–14] stimuli-response,[15,16] and cell 
adhesion[17] while demonstrating the complimentary ways that electrostatics, polarity, hydrogen bonding, and sterics 
contribute to self-assembly.[18–20] Moving forward, building on this established knowledge base by adding new layers 
of complexity to the assembly landscape provides opportunities to bring peptide amphiphiles closer to the versatility 
and functionality of natural proteins. 

Peptide-polymer amphiphiles (PPAs), which use a synthetic oligomer tail to drive self-assembly, provide additional 
tunability to the self-assembly landscape.[21,22] PPAs incorporate both the fine structural control of sequence-defined 
peptides and the structural diversity of synthetic polymers. The oligomer tail provides tunable properties such as glass 



transition temperature,[23] degree of polymerization (i.e., length),[24] and monomer structure.[25,26] Despite these 
advantages, it remains challenging to rationally design an oligomer tail to direct self-assembly given a peptide 
sequence of interest and a target assembly behavior or morphology; predicting the ways in which polymer properties 
like length dispersity will compete with peptide properties like electrostatics and hydrophilicity is not 
straightforward.[27],[28] Further, PPA materials exist in a unique design space between peptide-lipid conjugates and 
block copolymers, where general design rules from both fields may apply but reference points like morphological 
phase boundaries are not yet established. 

To add to the toolbox of design principles for PPAs, we herein present a systematic study of a PPA design space that 
encompasses both experimental and computational efforts. To establish baseline relationships between hydrophobicity 
and self-assembly in PPA materials, we selected unstructured peptides that form random coils in solution, minimizing 
the confounding effects of peptide secondary structure. We experimentally investigated the effects of select polymer 
properties (molecular weight and dispersity) and peptide properties (length and charge) on self-assembly using 
transmission electron microscopy (TEM) and image analysis. Computationally, we used molecular dynamics (MD) 
simulations to quantitatively describe the components of these PPAs. Together these provide key reference points for 
the design of PPA materials that combine design principles from the parallel fields of block copolymers and peptide-
lipid conjugates.  

Results and Discussion 

Scope of design space and synthesis of PPAs 

To resolve the role of noncovalent interactions that affect the self-assembly of hybrid peptide-polymer amphiphiles 
(PPAs), we selected a design space that would allow us to independently examine the effects of oligomer tail length 
and dispersity as well as peptide length and charge on the self-assembled morphology of PPAs. Oligo(ethyl acrylate) 
was selected for the hydrophobic oligomer tail, as we hypothesized that the short alkyl monomer would allow fine-
tuning of polymer properties. Oligomers were synthesized with average degrees of polymerization (DPn) between 5 
and 13 – a molecular weight range spanning that of functional peptide sequences. Atom transfer radical polymerization 
(ATRP) was implemented to tightly control oligomer length, dispersity, and end group fidelity (Figure 1a and Figures 

Figure 1. Synthesis of peptide-polymer amphiphiles (PPAs). (a) Maleimide-
terminated oligomer tails were synthesized by atom transfer radical 
polymerization (ATRP) followed by substitution of the bromine chain-end and 
deprotection. (b) PPAs were synthesized through thiol-maleimide coupling, 
which joins the maleimide-terminated oligomer tail to the N-terminal cysteine 
of a peptide. (c) The LC chromatogram of a purified PPA shows distinct peaks 
that correspond to amphiphiles with discrete degrees of polymerization, which 
(d) can be identified by electrospray ionization (ESI) mass spectrometry. 



S1-3).[29] Post-polymerization substitution of the terminal bromine with propanethiol eliminated any reactivity during 
further reactions or assembly[30], and a retro-Diels Alder deprotection of the initiator revealed a maleimide allowing 
facile coupling to a cysteine residue on the peptide[31] (Figures S4-10, Table S1).  

Peptide secondary structure has been shown to influence the self-assembly of peptide-containing conjugates;[27,32–35] 
this is further confounded by the ability of steric crowding to induce secondary structure in peptides.[28,36] Therefore, 
to focus on the effect of peptide hydrophilicity on self-assembly we used two classes of unstructured peptides – PAS[37] 
and XTEN[38–40] – and from these, selected a total of four sequences that vary in length and charge density (Figure 1b, 
Figures S11-14). Circular dichroism (CD) spectroscopy confirmed that these peptides adopt a random coil 
conformation in buffer alone (pH 7, 10 mM phosphate) and with 20% trifluoroethanol, which simulates steric 
crowding[41] (Figures S15-16).  

Peptides, synthesized with an N-terminal cysteine, were coupled to a maleimide-terminated oligomer tail to form di-
block PPAs via thiol-maleimide coupling,[23] adding in TCEP to ensure the reduction of disulfide bonds (Figure 1b). 
Characterization of purified PPAs by reversed-phase liquid chromatography-mass spectrometry (LC-MS) showed that 
each PPA sample contains a collection of amphiphiles with discrete degrees of polymerization (DP), which elute at 
distinct retention times (Figure 1c) and are identifiable by mass spectrometry (Figure 1d and Figures S17-25). The 
DPn of each batch of PPAs was calculated from the LC spectrum for the purified amphiphiles, as conjugation and 
purification with a solid-phase extraction column shifted the molecular weight distribution of the PPA slightly relative 
to the parent polymer sample (Figures S26-27).  

PPAs can access a broad range of self-assembled morphologies by adjusting oligomer tail length 

In order to identify the effect of oligomer tail length on PPA morphology, we characterized the self-assembly of a 
series of PPAs containing the 17-residue charged peptide, XTEN2, and oligo(ethyl acrylate) tails with DPn = 5 – 13. 
PPAs (1 mM) were self-assembled by dissolution in HEPES buffer (pH 7, 50 mM) followed by sonication[8] and 
imaged by both negatively stained and cryogenic transmission electron microscopy (TEM) (Figure 2). Even within 
this relatively constrained design space, we identified a broad range of self-assembled morphologies that are consistent 
with the types of morphologies formed by peptide-lipid conjugates and block copolymers: micelles, anisotropic 
particles (i.e., linear rods and flexible worms), and vesicles (Figure S28).[1,4] 

 

Figure 2. Images from negatively stained (left) and cryogenic (right) 
transmission electron microscopy (TEM) of major particle types formed by 
PPA self-assembly. Scale bars represent 50 nm. 



Within this tail length series, we also found that the phase boundaries between morphologies are blurry, with each 
PPA sample forming simultaneous mixtures of multiple particle types (Figure 3a and Figures S29-34). Specifically, 
PPAs with shorter oligomer tails (such as oEA5-XTEN2) demonstrate a mixture of smaller spheres (micelles) and 
linear anisotropic particles (rods). PPAs with longer oligomer tails (such as oEA13-XTEN2) demonstrate a mixture of 
larger spheres (vesicles) and flexible anisotropic particles (worms). All PPAs, but particularly PPAs with intermediate 
tail length such as oEA7-XTEN2, contain spherical particles across a range of sizes; cryogenic TEM of oEA6-XTEN2 
(Figure S35) confirms that micelles and vesicles coexist in our samples.  

Remarkably, anisotropic particles represent a minority in the PPAs across this series with the exception of oEA12-
XTEN2, which is at a phase boundary. Most peptide amphiphiles are especially proficient at forming rigid cylindrical 
micelles, because inter-amphiphile  hydrogen bonding provides a strong driving force towards anisotropy.[42–44] In 
fact, considerable research has been dedicated to modulating this behavior in peptide-lipid conjugates, primarily by 
altering the peptide sequence to control inter-amphiphile interactions.[4,45–47] This series of XTEN2-based PPAs have 
a self-assembly space that more closely resembles block copolymers, which typically have a narrow regime for 
anisotropic particles that are flexible.[48] We attribute this to the random-coil nature of the XTEN2 peptide. 

With multiple morphologies present within a self-assembled PPA, measuring the hydrodynamic diameter using 
dynamic light scattering (Table S2) resulted in higher average particle sizes than seen in negatively stained TEM 
images, as has been documented for lipid and gold nanoparticle systems.[49,50] To circumvent this challenge, particle 
sizes were measured from TEM images to map changes in particle sizes across this series of PPAs (see TEM 

 

Figure 3. Effect of increasing oligomer tail DPn on self-assembly of PPAs with peptide XTEN2. (a) Representative negatively stained TEM images of five PPAs 
with DPn ranging from 5.3 to 12.9; scale bar represents 100 nm. (b) Normalized particle size distributions of spherical particles (excluding anisotropic particles), 
measured from negatively stained TEM images. Inset values show average diameter ± standard deviation (to indicate distribution width). Values at right are the 
total number of spherical particles measured. (c) Peak fitting of spherical particle size distributions: light gray = raw data, blue = Gaussian-fit micelle distribution, 
yellow = lognormal-fit vesicle distribution, black = sum of blue and yellow curves. Inset text shows peak mode (standard deviation to indicate peak width). (d) 
Percent of each particle type present in the morphological distribution for each PPA, estimated via peak fitting for the spherical particles. 



quantification supplemental file). As the oligomer tail DPn increases, the average diameter of spherical particles 
increases slightly from 9 to 14 nm and the particle size distributions become positively skewed due to the increased 
percentage of vesicles, which typically have a larger size distribution (Figure 3b).[51] 

To estimate the ratio of micelles to vesicles present in each of our PPA samples, we peak fit the spherical particle size 
histogram data (Figure 3c).[50] We assumed that each sample would contain some of both spherical particle types, the 
size distributions for the two types may partially overlap, and that the micelle particle distribution would be 
Gaussian[52–54] while the vesicle size distribution would be asymmetric and could be reasonably approximated by a 
lognormal fit.[50,55–58] We were able to consistently identify two peaks for each PPA’s spherical particle size 
distribution with minimal constraints to the fitting parameters, and the sum of these peaks (Figure 3b, black) 
demonstrates agreement with the raw data (Figure 3b, light gray). Across this series of PPAs, the Gaussian (micelle) 
peak was consistently centered between 8 – 9 nm and decreased in abundance relative to the lognormal (vesicle) peak, 
centered between 11 – 13 nm, as the DPn of the PPA sample was increased. This suggests that micelle size remains 
constant across this series of PPAs. 

Using these data to estimate the ratio of micelles to vesicles formed by each PPA, we calculated the percentage of 
each particle type within their morphological distribution. These morphological distributions clearly show a shift in 
the particle types present across this series of PPAs (Figure 3d). Short-tailed PPAs form predominantly micelles, while 
longer-tailed PPAs form predominantly vesicles. Anisotropic particles, manually counted from the original images, 
show flexible worms are more common with increasing DPn while linear rods are most common in the PPA with the 
shortest tail, oEA5-XTEN2. 

Interestingly, the diameter of anisotropic particles appeared to decrease with increasing DPn (Figure S36): linear rods 
observed in short-tailed PPAs (DPn 5 – 12) have larger diameters on average than the flexible worms observed in 
longer-tailed PPAs (DPn 11 – 13). Molecular dynamics simulations of peptide-lipid conjugates have previously shown 
that as the strength of hydrophobic interactions increases relative to the strength of electrostatic repulsion, peptide-
lipid assemblies transition from loosely-packed nanofibers with patchy areas of  hydrogen bonding in the peptide 
corona to denser, narrower cylindrical micelles with primarily random coil peptide structure.[59] We thus hypothesized 
that, in this series of PPAs,  hydrogen bonding and hydrophobic interactions together oppose electrostatic repulsion 
between charged residues in XTEN2 and facilitate the formation of anisotropic particles. In low DPn PPAs (oEA5-
XTEN2), intermolecular hydrogen bonding is likely necessary for linear rods to remain intact – and, because XTEN2 
is primarily a random coil, linear rods are relatively uncommon in the self-assembly space. Long linear fibers are 
easily identified in cryogenic TEM; these fibers are significantly less prevalent in negatively stained TEM images and 
may therefore be formed by shear forces in cryogenic TEM grid preparation.[60] We hypothesize that these fibers are 
similarly built from extended inter-amphiphile  hydrogen bonding analogous to those found in amyloid fibers.[61] 
Finally, in high DPn PPAs (e.g., oEA12-XTEN2), hydrophobic interactions are strong enough to enable anisotropic 
particles to curve without disassembling; these flexible worms do not rely exclusively on inter-amphiphile hydrogen 
bonding for stability. 

Oligomer tail length dispersity contributes to self-assembly behavior  

The mixed morphological phases we observed in this PPA series are likely the result of the length dispersity in the 
oligomer tails of these amphiphiles. Length dispersity in block copolymer amphiphiles causes the boundaries between 
self-assembly phases to blur.[4] Disperse samples of block copolymer amphiphiles undergo preferential segregation of 
amphiphiles with different DPs during self-assembly in order to optimize packing and local curvature; this can lead 
to the simultaneous formation of multiple particle types, and can subtly affect the size and shape of assembled 
morphologies.[62–65] Notable phase boundary blurriness for block copolymers has been reported at dispersity values of 
Ð ≥ 1.5;[62] however, block copolymer amphiphiles typically range in molecular weight from 20 – 200 kDa, and our 
PPAs are closer to 2 kDa. Thus, despite having dispersity values between 1.00 – 1.02, these PPAs have molecular 
weight distributions and morphological phase boundaries that overlap considerably. We therefore hypothesize that for 
oligomeric PPAs, individual monomer units create sizable differences in self-assembly behavior. 

To experimentally probe the relationship between dispersity and assembled morphology, we created a series of PPAs 
with DPn = 6 with increasingly narrow molecular weight distributions (MWDs) that eliminated the higher molecular 
weight tails (Figure 4a, Figure S37-38, see TEM quantification supplemental file). We found that decreasing the 
dispersity of the oligomer length in the amphiphile resulted in a small shift in the size and polydispersity of the particles 
formed. The PPA with the broadest MWD formed spherical particles with an average diameter of 12 nm with 9% of 
particles measuring greater than 20 nm in diameter, while the PPAs with intermediate and narrow MWDs formed 
spherical particles with average diameters of 11 and 9 nm respectively with 6% and < 1% of particles measuring 
greater than 20 nm respectively (Figure 4b). Results of the peak fitting suggest that the particle diameter of both 



micelle and vesicle populations are affected (Figure 4c). This is consistent with block copolymer assembly within a 
vesicle-forming regime, where amphiphiles with shorter solvophobic blocks form smaller vesicles.[63,65] 

Notably, the oEA6-XTEN2 materials characterized in Figure 4 were each synthesized with materials from different 
polymer syntheses. Fractionation was used during purification with a reversed-phase solid-phase extraction column 
to independently control DPn and dispersity. Despite using different starting materials, these amphiphiles demonstrate 
similar morphological distributions (Figure 4d), suggesting a strong correlation between amphiphile DPn and the 
mixture of particle types formed. Further, the phase boundary between micelles and vesicles for oEAn-XTEN2 
materials likely resides in the range of DP = 4 – 7 as these are the only DPs shared between all three materials.  

Peptide hydrophilicity modulates self-assembly and determines the limits of accessible morphologies 

PPAs are of particular interest to the field of protein-mimetic materials because of their potential to directly incorporate 
peptides with documented biological functionality while recapitulating basic features of protein-like hydrophobic 
collapse.[68] However, designing a PPA with a particular self-assembled morphology from a defined peptide sequence 
places unique constraints on the tools that can be used to control assembly, and requires an understanding of how the 
target peptide sequence influences or limits the assembly behavior. 

To characterize the effect of peptide hydrophilicity on assembly, we first characterized the differences in 
hydrophilicity between our four selected random-coil peptides, which vary in length and number of charged residues: 
XTEN1 (12 residues with 1 positive and 2 negative charges) and XTEN2 (17 residues with 1 positive and 3 negative 
charges) are charged at pH 7, while PAS1 (12 residues) and PAS2 (18 residues) are neutral except for a positive charge 
on the N-terminus. Hansen solubility parameter (HSP) values[66,67], calculated for each peptide using molecular 

 

Figure 4. Assembly behavior of PPAs with the same average DPn but 
different tail length dispersities ranging from broadest (top of each panel) to 
narrowest (bottom). (a) Molecular weight distributions. (b) Spherical particle 
size distributions. Inset text shows average particle diameter ± standard 
deviation and total number of particles measured. (c) Peak fitting for 
spherical particle size distributions; light gray = raw data, blue = Gaussian 
fit micelle distribution, yellow = lognormal fit vesicle distribution, black = sum 
of blue and yellow curves. Inset text shows peak mode (standard deviation 
indicating peak width). (d) Percent of each particle type present in the 
morphological distribution for each PPA, estimated via peak fitting for 
spherical particles. 



dynamics (MD) simulations, suggest that the most hydrophilic peptide is XTEN1 followed by XTEN2, PAS1, and 
PAS2 (Figure S39a); however, while this calculation captures the effects of charge on hydrophilicity, it does not 
account for the effect of hydrogen bonding with water and thus underestimates the hydrophilicity of the PAS 
peptides[37]. By simulating hydrogen bonding of each peptide within a solvated environment using MD[69], we found 
that the capacity for hydrogen bonding between the peptide and water varies significantly with sequence and length 
(Figure S39b). We experimentally corroborated these calculations by comparing HPLC retention time of the peptides 
in a neutral solvent system that matched the pH of our assembly conditions (Figure S40). The retention times suggest 
the peptides follow this order in decreasing hydrophilicity:  XTEN1, XTEN2, PAS2, PAS1 – with PAS1 being 
considerably less hydrophilic than PAS2. 

Each of these random-coil peptides was conjugated to oligo(ethyl acrylate) DPn = 5, as we hypothesized that this 
would result in a range of self-assembled morphologies with minimal amphiphile insolubility. Similar to the previous 
oligomer tail series (Figure 3), PPAs across this peptide series formed primarily spherical particles of various sizes, 
with anisotropic particles representing a minority of particles (Figure 5a, Figures S41-45, see TEM quantification 
supplemental file). The random coil structure of the peptides across this series likely contributes to the higher fraction 
of spherical, rather than anisotropic, particles. Though the limited electrostatic repulsion in the less charged PAS 
peptides might be expected to facilitate intermolecular hydrogen bonding (and thus formation of anisotropic particles) 
compared to the charged XTEN2, PAS in particular derives its random-coil structure from the proline residues 
distributed irregularly throughout its sequence. These proline residues introduce kinks in the peptide backbone that 
force the peptide to resist hydrophobic collapse and may also interfere with the formation of inter-amphiphile 
hydrogen bonds. 

 

Figure 5. Effect of peptide charge and length on self-assembly of PPAs with oligomer tail oEA5. (a) Representative negatively stained TEM images of PPAs 
containing each of the selected peptide sequences; scale bar represents 100 nm. (b) Normalized particle size distributions of spherical particles (excluding 
anisotropic particles), measured from negatively stained TEM images. Inset values show average diameter ± standard deviation. Values at right are the total 
number of spherical particles measured. (c) Peak fitting of spherical particle size distributions: light gray = raw data, blue = Gaussian-fit micelle distribution, 
yellow = lognormal-fit vesicle distribution, black = sum of blue and yellow curves. Inset text shows peak mode (standard deviation indicating peak width). (d) 
Percent of each particle type present in the morphological distribution for each PPA, estimated via peak fitting for spherical particles. 



Notably, oEA5-XTEN1 failed to form well-defined particles under the previous assembly conditions (Figure S43) and 
only formed discrete particles upon the addition of 100 mM NaCl to the assembly buffer (Figure 5a, Figure S44). The 
high charge density of XTEN1 is likely responsible for the failure of oEA5-XTEN1 to self-assemble without NaCl, 
outcompeting the hydrophobic interactions provided by the DPn = 5 oligo(ethyl acrylate) tail. To ensure the added 
NaCl did not have a significant effect on the morphological distribution, oEA5-XTEN2 was assembled with and 
without NaCl and comparable ratios of morphologies were observed (Figure S45-46). 

With decreasing peptide hydrophilicity, we found an increase in the average spherical particle size across the series 
of PPAs, from 8 nm in oEA5-XTEN1 (with NaCl) to 16 nm in oEA5-PAS1 (Figure 5b). Results from peak fitting of 
the spherical particle size distribution suggests that PPAs with charged peptides XTEN1 and XTEN2 form slightly 
smaller micelles on average than the less charged PAS1 and PAS2 (Figure 5c). This is consistent with peptide-lipid 
conjugates: highly charged conjugates form smaller micelles than neutral conjugates, minimizing electrostatic 
interactions between charged amphiphiles by maximizing the curvature of the micelle assembly.[19] Additionally, 
assembly of oEA5-XTEN2 (17 amino acids) in the presence of 100 mM NaCl  produced the same ratio of micelles to 
vesicles as oEA5-PAS2 (18 amino acids) in the absence of NaCl and the micelles were similar in size (Figure S46b, 
see TEM quantification supplemental file).  

Further, we found that the morphological distributions across this series of PPAs show a clear shift from heavily 
micelle-dominated in oEA5-XTEN1 to increasingly vesicle-dominated with decreasing peptide hydrophilicity (Figure 
5d). Notably, the ratio of micelles to vesicles present in the PPA materials across this series, determined by peak 
fitting, shows a strong, significant relationship with the relative retention time of the free peptides on HPLC at pH 7. 
Plotting the log of the ratio of micelles to vesicles against retention time yields a linear regression with an R2 value of 
0.95 and a p value of 0.02 (Figure S40b). This suggests that, for these materials, the retention time of unstructured 
peptides by HPLC at a pH relevant to the assembly can be a predictive tool that captures the combination of solubility 
(e.g., HSP values) and water interactions (e.g., hydrogen bonds with water) that contribute to self-assembly behavior.  

To further probe the limits of tunability in this PPA system, a sample of oEA5-PAS1 was fractionated during 
purification such that only the smallest DP (least hydrophobic) amphiphiles were collected, yielding a sample with 

 

Figure 6. Fractionation of oEA5-PAS1 during purification yields a PPA 
sample with (a) a narrower molecular weight distribution and DPn of 2.5 ± 
1.0. (b) Normalized particle size distributions of spherical particles. Inset text 
shows average diameter ± standard deviation. (c) Peak fitting scheme; light 
gray = raw data, blue = Gaussian fit micelle distribution, yellow = lognormal 
fit vesicle distribution, black = sum of blue and yellow curves. Inset text 
shows peak mode (standard deviation, indicating peak width). (d) Percent 
of each particle type present in the morphological distribution for each PPA, 
estimated via peak fitting. 



DPn = 2.5 (Figure 6a; oEA3-PAS1). When assembled, oEA3-PAS1 formed exclusively spheres with no anisotropic 
particles, analogous to the unfractionated oEA5-PAS1 (Figure S47). However, the spheres formed by oEA3-PAS1 
were smaller on average than those formed by oEA5-PAS1 (Figure 6b): oEA3-PAS1 particles had an average diameter 
of 13 nm compared to oEA5-PAS1 particles with an average diameter of 16 nm (see TEM quantification supplemental 
file). Further, the results of the peak fitting (Figure 6c) show that reducing the DPn of the oligomer tail results in only 
a small increase in the percentage of micelles (Figure 6d). This is in direct contrast to the trend observed in hydrophilic 
XTEN2 PPAs (Figure 3) and suggests that the phase boundary for the formation of micelles in oEAn-PAS1 PPAs is 
beyond what is physically accessible – to form micelles with PAS1, a different oligomer tail and/or a modified PAS1 
sequence with additional hydrophilic residues would need to be used.  

 
Conclusion 

Peptide-polymer amphiphiles (PPAs) are promising hybrid materials that merge protein-mimetic functionality with 
the synthetic versatility of block copolymers. Though these materials obey the general rules of self-assembly driven 
by hydrophobic collapse, our understanding of how structural features individually contribute to self-assembly 
behavior is not yet comprehensive enough to enable predictive capabilities. Here, we contribute a systematic study of 
how the structural features of PPAs – oligomer tail length and dispersity, and peptide charge and length – can be tuned 
to impact aqueous self-assembly. Within a series of short oligomeric tails, we demonstrate that PPAs can span the 
entire morphological regime of micelles, anisotropic particles, and vesicles. We also show that the morphological 
distribution of a PPA can be engineered by adjusting the length of the oligomer tail and is impacted by the 
hydrophilicity of the selected peptide. Additionally, the average particle size can be tuned through the length dispersity 
of the oligomeric tail and/or the charge of the peptide. By pairing these experimental efforts with computational 
modeling to quantitatively describe the hydrophobicity of our amphiphile components, we have established important 
benchmarks that will facilitate the rational design of sophisticated and well-controlled PPA assemblies.  

Future work with PPAs will continue to bring together the structural diversity afforded by polymers and the complexity 
of interactions afforded by peptides to open new possibilities in soft materials. Additional structural variations in the 
oligomer tail could potentially be exploited to tune the stability, dynamics, and responsiveness to stimuli (e.g., 
temperature and pH) of PPA assemblies. An enhanced understanding of how polymer properties correlate with the 
properties of hierarchical assemblies will enable synthetic materials to mimic and expand upon the specific binding 
and catalytic capabilities of proteins. 
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