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Abstract: The activity orchestration of an unprecedented cell-free 

enzyme system with self-sufficient cofactor recycling enables the 

step-wise transformation of aliphatic diols into -hydroxy acids at the 

expense of molecular oxygen as electron acceptor. The efficiency of 

the biosynthetic route was maximized when two compatible alcohol 

dehydrogenases were selected as specialist biocatalysts for each one 

of the oxidative steps required for the oxidative lactonization of diols. 

The cell-free system reached up to 100% conversion using 100 mM 

of linear C5 diols, and performed the dessymetrization of prochiral 

branched diols into the corresponding -hydroxy acids with an 

exquisite enantioselectivity (ee > 99%). Green metrics demostrate a 

superior sustanability of this system compared to traditional metal 

catalysts and even to whole cells for the synthesis of 5-hydroxy 

petanoic acid.   Finally, the cell-free system was assembled into a 

consortium of heterogeneous biocatalysts that allowed the enzyme 

reutilization. This cascade illustrates the potential of systems 

biocatalysis to access new heterofunctional molecules such as -

hydroxy acids. 

Introduction 

Manufacturing of ω-hydroxy acids (ω-HA) exhibits a multitude of 

applications in chemical industry since they are used in the 

production of several commodities such as resins, plasticizers 

and lubricants.[1] In the polymer industry, ω-HAs show high 

potential as precursors for the next generation of biodegradable 

polyesters (i.e. biomedical applications).[2] Long-chain ω-HA are 

naturally occurring in cutin, a biopolyester that forms the plant 

cuticule.[3] However, medium and short chain ω-HA are mainly 

accessed through chemical synthetic methods that require 

protected substrates and expensive metal catalysts, limiting the 

process sustainability.[4] In a more environmentally friendly 

approach, engineered microbes have been exploited to efficiently 

synthesize medium and short chain ω-HA from renewable organic 

acids[5] and 5-hydroxymethylfurfural, [6] but also from fossil 

cycloalkanes[7] and cyclohexanol.[8] As alternative,  4-enzyme cell-

free system has been assembled in solution to sequentially 

perform hydratation, oxidative Baeyer-Villiger esterification and 

hydrolysis steps that synthesize medium-chain ω-HAs from 

unsaturated fatty acids.[9]  Unfortunately, the atom economy of this 

process is rather low as the starting long chain fatty acids is 

chopped down yielding a mixture of the corresponding medium 

chain ω-HAs and monocarboxylic acids. Besides the lack of 

product purity (ω-HAs are mixed with monocarboxylic acids), 

such route cannot yield short-chain ω-HAs (≤ 6 carbons). Hence, 

the cell-free biosynthesis of short-chain ω-HAs is unmet need 

despite the large enzyme toolbox nowadays existing. Inspired by 

the microbial non-phosphorylative oxidative pathway for pentose 

degradation,[10] we envision an elegant yet unexplored route to 

directly access short-chain ω-HAs through the concurrent 

oxidative lactonization and lactone hydrolysis catalyzed by 

oxidoreductases and lactonases,[11] respectively. Such route 

would be endorsed by the success of the already proven 

biosynthesis of lactones from short-chain cyclic ketones[9, 12] and 

cycloalkanes[8] using NADPH-dependent cell-free multi-enzyme 

systems based on monooxygenases and dehydrogenases. The 

industrial implementation of these cell-free systems may be 

cumbersome due to the low stability and high cost of the 

phosphorylated nicotinamide cofactor NADPH. As alternative, 

renewable diols[13] can also be converted into lactones through a 

two-step oxidative lactonization catalyzed by NADH-dependent 

alcohol dehydrogenases incorporating different enzymatic 

cofactor regeneration approaches[14] and smart co-substrates.[15] 

In this scheme, the same alcohol dehydrogenase selectively 

oxidizes one primary alcohol of the starting diol to yield the 

corresponding hydroxyaldehyde that forms an equilibrium with its 

corresponding lactol, which is subsequently oxidized by the same 

enzyme to form the final lactone, shifting the aldehyde/lactol 

equilibrium towards the lactol formation. TEMPO-assisted 

laccase reaction has also proven useful for this 

biotransformation.[16] Recently, a similar double consecutive 

oxidation of aliphatic and aromatic diols elegantly yields ω-HA in 

a cofactor-free system using an engineered alcohol oxidase from 

Phanerochaete chrysosporium (PcAOX*).[17] The main limitation 

of these three last systems is the use of the same enzyme to 

catalyze the two oxidation steps, being the lactol oxidation the 

rate-limiting one.  

 

In this study we aim at designing and applying an unprecedented 

cell-free five-enzyme system for the biosynthesis of short-chain 

ω-HAs from bio-based 1,ω-diols.[18] Here, two alcohol 

dehydrogenases (ADH) selectively and concurrently catalyze the  

diol and lactol oxidations to form the lactone, which is finally 

hydrolyzed by a lactonase (LAC) to yield the target ω-HA. To 

balance the cofactor pool demanded by the ADHs, we integrate a 

NADH oxidase (NOX) that regenerates NAD+ yielding H2O2 as by-

product that is in situ eliminated by incorporating a catalase (CAT) 

(Scheme 1).   
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Results and Discussion 

Cascade optimization 

In our first attempt, we performed the synthesis of 5-hydroxy 

pentanoic acid (2d) combining a commercial crude extract of ADH 

from horse liver (HLADH) (Supporting Information, Fig. S1) as 

sole dehydrogenase and the pure His-tagged lactonase from 

Sulfolobus islandicus (SiLAC) (Supporting Information, Fig. S2), 

together with an excess of the widely used NAD+ recycling system 

formed by a pure thermostable NOX from Thermus thermophilus 

(TtNOX) and the catalase from bovine liver (BlCAT) (commercial 

crude extract). [19] We did not select the a water-forming NOX, 

since our previous studies show that the TtNOX outperforms the 

former one exhibiting higher operational stability[19b, 20] 

Furthermore, the tandem TtNOX BlCAT stoichiometrically 

demands the half of oxigen for the NAD+ recylcling than the water-

forming oxidases, a fact that positively impacts on the atom 

economy of the process. Figure 1A shows the reaction time 

course of the four-enzyme system using an enzyme activity ratio 

of 2:1:10:100 (HLADH : SiLAC : TtNOX : BlCAT), where the lactol 

intermediate (2b) is accumulated during the first 5 hours, and the 

ω-HA yield (2d) reached 60% after 24 h. On the contrary, the 

lactone intermediate is negligibly accumulated as SiLAC 

hydrolyzes the lactone 2c 214 times more efficiently than the 

HLADH oxidizes the lactol 2b (Supporting Information, Table S1). 

Evaluating other lactonases, we found that SiLAC reaches 1.5 

times higher and similar yield than the lactonases from 

Rhodococcus erythropolis (ReLAC) and from Homo sapiens 

(RePON1), respectively, in agreement with their specific activities 

(Supporting Information, Fig. S3 and Table S2).  

In order to minimize the lactol accumulation, we incorporated an 

additional dehydrogenase that outperforms HLADH for the diol 

conversion to dominate the first oxidation step, thus HLADH can 

focus on the second and limiting lactol oxidation step. We found 

that the ADH from Bacillus stearothermophilus (BsADH) 

performed the first step 12-fold faster (kcat = 30.2 s-1 towards the 

diol (2a) than HLADH (Supporting information, Table S1), and 

poorly oxidized the lactol (2b) (Supporting information, Figure S4). 

Moreover, BsADH and HLADH showed similar KM (0.6-0.9 mM) 

values towards NAD+ suggesting that both enzymes will work at 

their maximal rate under the sub-stoichiometric concentration of 

cofactor typically used in bio-redox transformations. When 

different activity ratios HLADH:BsADH were assayed, we 

identified such ratio as one of the key parameters to maximize ω-

HA yield (Fig. 1B). In fact, when the system was conducted solely 

with BsADH, the ω-HA yield was extremely low (13%) despite the 

high conversion of the diol (86%), which gave rise to a large 

accumulation of lactol (70%) (Supporting Information, Fig. S5). 

This insight entails BsADH as the specialist enzyme for the first 

oxidation within this enzyme cascade. A similar product 

distribution was found using the immobilized version of this 

enzyme towards the same substrate and under similar reaction 

conditions.[20] Likewise, when the system was performed by the 

HLADH as the unique ADH (even at different amounts, 40 (ratio 

0:1) or 120 mU(ratio 0:3)), the transformation only reached 60% 

of ω-HA yield, similar to the yield achieved with the combination 

of the two ADHs using a activity ratio 4:1. Pleasently, the activity 

ratio 4:3 (BsADH:HLADH) achieved the highest ω-HA yield (97%) 

with a quantitative conversion of the diol (2a), attaining a total 

turnover number for NAD+ (TTNNAD+) of 38.8 (close to the 

theoretical maximum of 40) (Fig. 1B) (Supporting Information, 

Figure S5). The resulting ω-HA (2d) was characterized by GC-

MS and 1H NMR (Supporting Information, Figs. S6 and S7).  

Higher BsADH:HLADH activity ratios drove to lower ω-HA yields 

(Fig. 1B). The synergistic use and the activity orchestration of 

these two ADHs enhance the overall reaction yield due to the 

negligible accumulation of the lactol, demonstrating that BsADH 

mainly oxidizes the diol, relegating HLADH from its task in the first 

oxidation. This fact allows HLADH to be focused exclusively on 

the lactol oxidation avoiding its accumulation in the reaction media 

Scheme 1. One-pot cell-free biocatalytic cascade synthesis of short-chain ω-
HA from diols. 
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Figure 1. Multi-enzyme synthesis of ω-hydroxy acids from diols. A) Reaction course consisting in 0.5 mL of 20 mM 2a, 1 mM NAD+, 0.15 mM FAD+ in 100 mM 

sodium phosphate buffer pH 8 at 30 ºC and 250 rpm, containing HLADH (40 mU), TtNOX (200 mU), BlCAT (2 U) and SiLAC (20 mU). 100 % of relative concentration 

corresponds to 20 mM. B) Biosynthesis optimization. All reactions consisted in 0.5 mL of 20 mM 2a, 1 mM NAD+, 0.15 mM FAD+ in 100 mM sodium phosphate 

buffer pH 8 at 30 ºC and 250 rpm, containing one or two ADHs (BsADH:HLADH = 160:0 mU (4:0), 0:40 mU (0:1)  , 160:40 mU (4:1), 0:120 mU (0:3) or 160:120 

mU(4:3)), TtNOX (200 mU), BlCAT (2 U) and SiLAC (20 mU), yield values correspond to 24 h of reaction. ADHs activity refer to the one exhibited with 2a as 

substrate. 
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and driving the cascade towards the target product. When we 

used the benchmark PcAOX* as the sole oxidative enzyme, we 

found that the cascade only reached 11% of ω-HA yield (2d) 

under the same conditions as the optimized cascade using 

HLADH and BsADH (Supporting Information, Fig. S8). Moreover, 

when PcAOX* was combined with BsADH, we observed a slight 

increase in the ω-HA yield (17%), but still 3.4 and 5.6 times lower 

than the ones achieved with the sole HLADH and the combination 

of HLADH and BsADH, respectively, as oxidative enzymes. The 

low performance of PcAOX* as standalone oxidative enzyme 

relies on its low kcat towards the starting diol (2a) compared to 

BsADH (Supporting Information, Table S1). Regarding the 

oxidation of the lactol intermediate (2b), PcAOX* accumulates 2 

times more lactol than HLADH, (Supporting Information, Fig. S8), 

suggesting that neither does such oxidase outperform HLADH in 

the second oxidation step. Therefore, the combination of PcAOX* 

and BsADH failed to reduce the lactol accumulation and reach 

high ω-HA yields, concluding that these enzymes do not 

cooperatively work in this cascade as BsADH and HLADH do. In 

summary, we selected the pair BsADH-HLADH as the best 

candidate to catalyze the consecutive double oxidation of the diol 

and the SiLAC to achieve the most efficient lactone hydrolysis.  

 

Substrate scope and enanstioselectivity of the multi-enzyme 

system  

 

Once we identified the best enzymes and their optimal 

stoichiometry, we applied the five-enzyme system for the 

synthesis of chemically diverse short-chain ω-HAs starting from a 

battery of seven linear and branched C4-C6 ω-diols (1-7a). The 

multi-enzyme system successfully consumed more than 99% of 

all these diols but diethylene glycol (4a) and 1,4 butynediol 5a 

(Table 1). These results are aligned with the measured 

spectrophotometric activities of both ADHs towards these diols, 

where 4a and 5a were the least preferred ones (Supporting 

Information, Fig. S9). Besides, the cyclization of 5b is precluded 

due to the C2-C3 planar triple bond structure, supporting its 

unsuccessful lactonization and subsequent hydrolysis.  Unlike 

PcAOX* which was engineered to accept polyols [17, 21], the active 

site of both BsADH and HLADH seems to hardly accommodate 

non-alkylic diols. Furthermore, BsADH exhibits higher specific 

activity than the HLADH towards all assessed diols but 6a 

(Supporting Information, Fig. S9), supporting the fact that BsADH 

relieves the workload of HLADH in the first oxidative step, letting 

the latter focus on the lactol oxidation. As general trend, the 

hydrolysis turnover frequency (TOF) was higher than the 

oxidation TOF (Table 1). Regarding the diol oxidation, similar 

trends were reported by Kara and co-workers, who described the 

preparation of lactones from diols (1a, 2a, 3a, 6a and 7a) 

employing HLADH coupled to a laccase mediator system.[14a] 

Despite 5 out the 7 assayed diols where completely consumed, 

the cell-free cascade only reached ω-HA yields higher than 70% 

for 2a, 6a and 7a.  Using the shortest diol (1a), the cell-free system 

reached 40% yield of 1d which can be attributed to the high 

stability of 1c preventing its hydrolysis. Likewise, this system 

failed to synthesize the 6-hydroxy hexanoic acid (3d) despite its 

corresponding diol (3a) was quantitatively oxidized to the lactol. 

When we inspected deeper the product profile of 3a after 24 h, 

we identified 6-oxohexanoic acid (3e) as overoxidation product 

(Supporting Information, Fig. S10). This finding agrees to the high 

oxidative activity reported for BsADH towards long-chain ω-HA to 

produce biobased polyamides where the formation of 

oxocarboxylic acids intermediates is desired.[22] Unlike shorter ω-

HA, the 6C ω-HA (3d) reveals itself as substrate for the two 

dehydrogenases when it is accumulated (Supporting Information, 

Fig. S11).  In fact, when we analyzed the reaction products at 2 h, 

4 h and 24 h by GC-MS, we could not detect 3d even at the early 

reaction times, meanwhile all the aldehydes intermediates formed 

within this cascade could be detected (Supporting Information, 

Figs. S10 and S12).  

Additionally, we tested the enantioselectivity of our cell-free 

biocatalytic cascade. To that aim, we challenged the multi-

enzyme system with the prochiral 3-methyl-1,5-pentanediol (6a) 

to address its desymmetrization. After 24 h of reaction, 6a was 

100% consumed, yielding 70% of 6d but accumulating the lactol 

intermediate and the overoxidation product 6-oxo-3-methyl 
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pentanol (Supporting Information Figs. S13-S15). The 

enantiopurity of 6d was determined by chiral GC (Supporting 

Information, Fig. S16) where the presence of only one enantiomer 

(one chromatographic peak) points out that the cell-free cascade 

yields the ω-HA with ee > 99%. According to the previously 

reported exquisite S-enantiopreference (ee > 99) of HLADH 

during the oxidation of symmetric diols into 3-substituted -

valerolactones,[14a] [14b], we conclude that our cell-free multi-

enzyme system enantioselectivity synthesizes S-6d. On the 

contrary, the multi-enzyme system showed null enantioselectivity 

for oxidizing the racemic mixture of 4-hydroxy pentanol 7a (rac-

7a). After 24 h of reaction, rac-7a was converted into its 

corresponding ω-HA, yielding 92% of rac-7d and suggesting that 

neither the ADHs nor the LAC are enantioselective for the 

oxidation and the hydrolysis step, respectively (Supporting 

Information, Figs. S17-S18). Again, this insight matches with the 

lack of enantioselectivity reported for HLADH towards the 

oxidation of rac-7a (82%), which yields a racemic mixture of the 

corresponding lactone (rac-7c, ee = 2%).[14a] The low 

enantiopreference of the multi-enzyme system towards rac-7a is 

also supported by the poor enantioselectivity found for SiLAC 

towards the hydrolysis of the racemic lactone rac-7c, (ee < 2%, 

Supporting Information Fig. S19). A similar lack in 

enantioselectivity was observed for ReLAC (Supporting 

Information Fig. S20), which meant that the kinetic resolution of 

7a was not possible using the dehydrogenases and lactonases 

herein tested. This means that the preparation of enantiopure 7d 

is forbidden using the cell-free biocatalytic cascade we described 

here.  

Motivated by the excellent results we achieved with the 

transformation of diol 2a, we scaled the substrate concentration 

up to 100 mM using the optimized system stoichiometry. Under 

these conditions, a steady pH drop was observed during reaction 

course that slowed down the ω-HA production after 4 hours (Fig. 

2). The reduction of ω-HA production rate relied on the 

inactivation of the cascade enzymes under operation conditions 

without pH control, where the ADHs and the CAT enzymes lost 

60% of their initial activity after 24 h (Supporting Information, Fig. 

S21). To overcome the negative effect of the pH decreasing, we 

manually kept the pH 8 along the whole biotransformation to 

assure and steady ω-HA production rate during the entire reaction 

course (Fig. 2). Controlling the pH, the cell-free biocascade 

attained 90% yield of 2d after 24 h and using 100 mM substrate, 

without detecting none of the intermediates.  

 

Green and sustainablity metrics 

 

We assessed the sustainability of our cell-free multi-enzyme 

system and compared it with other reported methodologies where 

different catalysts as metal-based[23] and resting whole-cells[7b] 

were employed for the synthesis of 2d (Fig. 3A).  

We calculated mass-based green metrics[24] of these three 

processes. In one hand the reaction mass efficiency (RME) and 

mass productivity (MP) were calculated as the mass of product 
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divided by total mass of reactants only, and the total mass 

including catalysts and solvents, respectively. On the other hand, 

we also calculated the atom economy (AE) and the stoichiometric 

factor (SF) for the three compared systems (Fig. 3B). Our system 

is the closest to an ideal one, where the weakest parameter is the 

MR mainly attributed to the large water excess employed for these 

transformations. Finally, we also calculate the E factor of each 

process and the specific contribution of water, catalysts and 

reagents to that value in the three systems above mentioned. Our 

process presents 6.5 to 18.3 lower E factor than the other 

methodologies herein compared, indicating that our cell-free 

system is more sustainable than the traditional metal catalyst and 

even with whole cells herein compared for the synthesis of 2d (Fig. 

3C). However, water is also largely influencing the E factor of the 

three transformations contributing in more than 96% of the total 

value of each catalytic approach.  

 

Immobilization of the cell-free multi-enzyme system 

 

To further intensify the process, we immobilized the five enzymes 

integrated in our cascade to enable the recycling of the 

biocatalytic system.  Harnessing the His-tag fused to the N-

terminus of both BsADH and SiLAC (HB1), we co-immobilized 

these two enzymes on cobalt-activated agarose microbeads (AG-

Co2+) through metal coordination. This immobilized system was 

dubbed as heterogeneous biocatalysts 1 (HB1). Unfortunately, 

we could not co-immobilize the five-enzyme system on AG-Co2+, 

since HLADH, TtNOX and BlCAT lack the His-tag that drives the  

immobilization. For this reason, we covalently co-immobilized the 

untagged HLADH[25], TtNOX[26] and BlCAT[27] on glyoxyl-activated 

agarose microbeads (AG-G) under alkaline conditions followed by 

mild reduction of the enzyme-carrier bonds; we named this 

system as heterogeneous biocatalyst 2 (HB2). This 

immobilization chemistry is driven by the reaction of the support-

aldehyde groups with the free amino-residues of the surface 

lysines in the enzyme surface. Although the co-immobilization of 

HLADH, TtNOX and BlCAT was never intended on AG-G, we 

selected this carrier because these three enzymes have been 

stabilized individually on AG-G. [25, 28] When both His-BsADH and 

His-SiLAC were immobilized on AG-G, these enzymes were fully 

inactivated upon the immobilization process. For this reason, we 

discarded AG-G as consensus carrier for the co-immobilization of 

the 5 enzymes and thus we were forced to use a consortium of 

heterogeneous biocatalysts (HB1 and HB2). Table 2 shows the 

immobilization parameters for HB1 and HB2, where all enzymes 

were immobilized in high yields (immobilization yields > 98 %) 

except His-BsADH which only reached 53%. In HB1, both BsADH 

and SiLAC recovered roughly 100% of their soluble specific 

activity upon the immobilization, whereas HLADH, TtNOX and 

BlCAT recovered 81%, 16% and 48%, respectively when 

assembled as HB2. As TtNOX is an oxygen dependent flavin 

oxidase, its low recovered activity upon the immobilization on 

porous AG-G relies on oxygen diffusion limitation through the 

carrier microstructure.[23, 26] 

 

Once HB1 and HB2 were prepared, we mixed them to carry out 

the cell-free biosynthesis of 2d under batch operation conditions. 

Like the soluble multi-enzyme system, the immobilized one also 

accumulated the lactol (2b) but not the lactone (2c) during the first 

5-8 h of reaction as the diol 2a was oxidized (Figure 4A). After 24 

h of reaction, the immobilized multi-enzyme system yielded 62% 

of the ω-HA, a 33% lower ω-HA yield than the one attained with 

the soluble enzymes. We suggest that the lower recovered activity 

of the immobilized enzymes (mainly the TtNOX that limit the 

cofactor recycling) were responsible for the less efficient 

performance of the heterogeneous biocatalysts. After one 24 h 

cycle, the two HBs were filtered and readily reutilized for two 

consecutives 24 h cycles. 

 

 

Table 2. Immobilization parameters of co-immobilized multi-
enzyme systems. 

Biocatalyst Enzymes 
Immobilization 

carrier 
Ψ 

(%) a 

Recovered 
activity 

(U/g 
support) b  / 

(%) c 

HB1 BsADH AG-Co2+ 53 2.60 (112) 
 SiLAC 100 0.65 (100) 

 HLADH  
AG-G 

100 0.35 (81) 
HB2 TtNOX 98 0.71 (16) 

 BlCAT 100 6.65 (48) 
a Immobilization yield, Ψ = (immobilized activity/offered activity) 
x100. b Recovered activity of the immobilized enzyme per gram of 
carrier after the immobilization process. c (%) is defined as the 
coefficient between the specific activity of the immobilized 
enzymes and the specific activity of the soluble ones.  
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Figure 4. Cell-free synthesis of ω-HAs catalyzed by heterogeneous 

biocatalysts. A) Reaction time-course of the first reaction cycle. B) Reutilization 

of HB1 and HB2 mixture in repeated batch reactions. After each reaction cycle 
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containing 300 mg HB1 and 100 mg HB2. Each cycle corresponds to 24 h at 

the specified reaction conditions. 
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Figure 4B shows how the ω-HA yield decreased 40% and 75% 

after the second and third cycles, respectively. The low 

conversion after the third operational cycle was mainly attributed 

to the inactivation of both ADHs which lost 98% of their initial 

activity (Supporting Information, Table S3).Therefore, our future 

efforts will focus on enhancing the operational stability of the 

immobilized ADHs under these specific reaction conditions. 

 

Conclusion 

In summary, we have developed an orchestrated multi-enzyme 

system that sequentially catalyzes the double oxidation of diols 

into lactones and their hydrolysis to ultimately yield ω-HA, 

integrating an efficient NAD+ regeneration system that uses 

oxygen as ultimate electron acceptor. High ω-HA yields were 

achieved through the synergistic combination of two ADHs 

possessing different catalytic efficiencies towards the diol and 

lactol oxidation, respectively. Furthermore, this multi-enzyme 

system was proven to transform a wide scope of linear and 

branched short-chain diols into their corresponding ω-HAs, 

demonstrating an excellent enantioselectivity for the 

desymmetrization of prochiral diols such as 3-methyl-1,5-

pentanediol. Finally, we intensified this cell-free biotransformation 

by increasing the substrate concentration up to 100 mM and 

immobilizing the multi-enzyme system to recycle a consortium of 

heterogeneous biocatalysts (involving the 5 enzymes immobilized 

on two different carriers) in consecutive operational cycles. In our 

study, oxygent mass transport was not intensified, however we 

envision oxygen bubling as efficient approach to enhance the 

NAD+ recycling by boosting NOX activity that will ultimately 

accelerate the overall casacde rate, yielding higher ω-HA titers in 

shorter times.  

Thorough exploiting synergies in biocatalytic cascade reactions, 

this new artificial multi-enzyme cascade opens new paths to 

upgrade diols into molecules with higher industrial value.  Our 

future efforts are directed at enhancing the overall stability of the 

multi-enzyme system and controlling its spatial distribution across 

the carrier surface to ultimately enhance the productivity and 

robustness of this multi-functional heterogenous biocatalytic 

system.  

Experimental Section 

Materials and equipment 

Enzymes as alcohol dehydrogenase equine (HLADH) recombinant 

expressed in E. coli 0.5 U/mg, catalase from bovine liver (BlCAT) 

lyophilized powder ~2000-5000 U/mg of protein and Horseradish 

peroxidase (HRP) ~150 U/mg; substrates 1-7a, reaction products 1d, 4d, 

5d, reagents as flavin-adenine-dinucleotide sodium salt (FAD+), sodium 

phosphate dibasic dihydrate, ABTS, p-nitrophenol, were acquired from 

Sigma-Aldrich (St. Louis, IL). Nicotinamide-adenine-dinucleotide sodium 

salt (NAD+) was purchased from GERBU Biotechnik GmbH (Wieblingen, 

Germany). Lactones 2c and 7c, ω-HAs 7d, 5-oxopentanoic acid (2e) and 

6-oxohexanoic acid (3e) were obtained from Enamine building blocks 

(Riga, Latvia). ω-HAs 2d and 3d were purchased from Cymit (Barcelona, 

Spain). 6BCL agarose beads activated with glyoxyl groups (AG-G) was 

prepared as described elsewhere.[30]  Cobalt-activated agarose 

microbeads 4BCL (AG-Co2+) (particle size; 50-150 µm, pore size; 112 nm 

(mean value) and 15 µmol of Co2+ x gcarrier
-1) were purchased from ABT 

technologies (Madrid, Spain). Precision plus proteinTM standards, micro 

Bio-spinTM chromatographic columns and Bradford reagent were acquired 

from BIORAD. All other reagents and solvents were analytical grade or 

superior. 

 

Enzyme production and purification 

Alcohol dehydrogenase from Bacillus stearothermophilus (BsADH), 

lactonases from Sulfolobus islandicus (SiLAC), from Rhodococcus 

erythropolis (ReLAC), NADH oxidase from Thermus thermophilus (TtNOX) 

were overexpressed in Escherichia coli BL21 cells, whereas alcohol 

oxidase from Phanerochaete chrysosporium F101S variant (PcAOX*) was 

overexpressed in ArticExpress (DE3) E. coli cells. 

 

Expression: A total of 1 mL of an overnight culture of E. coli transformed 

with the respective plasmids (pET28b-bsadh-BsADH, or pET28b-silac, or 

pET28b-relac, or pET28b-repon1lac, or pET22-ttnox, or pET28b-pcaox-

f101s) was inoculated in a 50 mL of Luria-Bertani (LB) broth containing 

kanamycin (final concentration of 30 μg mL-1) for BsADH, SiLAC, ReLAC 

and ampicillin (100 μg mL-1) for TtNOX or a mixture of kanamycin and 

gentamycin (30 and 20 μg mL-1, respectively) for PcAOX-F101S. The 

culture was incubated at 37 °C (in the case of BsADH, SiLAC, ReLAC, 

RePON1LAC and TtNOX) or 30 ºC (in the case of PcAOX-F101S) at 250 

rpm until the OD600nm reached 0.6. At that point, the culture was induced 

with 1 mM of 1-thio-β-d-galactorpyranoside (IPTG) in the case of BsADH, 

TtNOX and PcAOX-F101S, whereas for SiLAC, ReLAC and RePON1LAC 

the induction IPTG concentrations were 1 μM, 1 mM and 1 μM, 

respectively. Cells were grown at 37°C for 3 h (in the case of BsADH and 

TtNOX) or at 21 ºC for 24 h (in the case of SiLAC, ReLAC and 

RePON1LAC) or at 13 ºC for 24 h (in the case of PcAOX-F101S) and then 

harvested by centrifugation at 1290 g during 30 min at 4 ºC. 

 

Purification. All recombinatly expressed enzymes but TtNOX were purified 

by affinity as follows: the resulting pellet was resuspended in one-tenth of 

its original volume of 25 mM sodium phosphate buffer solution (pH=7) for 

BsADH, SiLAC, ReLAC and RePON1LAC and 50 mM sodium phosphate 

buffer pH 7.8 supplemented with 0.150 M NaCl, 0.1 M KCl, 20 mM 

imidazole, 0.1 mM FAD+ for PcAOX-F101S. Cells were broken by 

sonication at an amplitude of 40% with alernating cycles of 3 s on/5 s off 

during 20 min at 4 ºC (Sonopuls HD 4100, Bandelin). The cell lysate was 

centrifuged at 10528 g during 30 min at 4 ºC. The supernatant containing 

the enzyme was collected and passed through a cobalt-activated agarose 

resin equilibrated with binding buffer. The column was incubated for 1 h at 

4 ºC to promote the protein binding to the column. Afterwards the column 

was washed three times with binding buffer prior to the protein elution with 

elution buffer (binding buffer supplemented with 300 mM imidazole). The 

eluted protein was gel-filtered by using PD-10 columns (GE healthcare) to 

remove the imidazole and exchange the enzyme buffer to 10 mM sodium 

phosphate pH 7. TtNOX was purified as follows: the cells were 

resuspended in one-tenth of its original volume of 10 mM sodium 

phosphate buffer solution pH 7 and broken by sonication (Sonopuls HD 

4100, Bandelin) at amplitude=40% alernating cycles of 3 s on/5 s off during 

20 min at 4 ºC. The suspension was centrifuged at 10528 g during 30 min 

at 4 ºC. The supernatant containing the enzyme was incubated at 70 ºC 

for 1 h to remove all mesophilic proteins, the thermophilic one remain at 

the supernatant that is separated by centrifugation at 10528 g during 30 

min at 4 ºC. The supernatant was pased through a polyethyleneimine-

activated agarose (AG-PEI) where this enzyme is not attached.[26]  SDS-

PAGE and Bradford assays were carried out after each production batch 

to determine the purity, concentration and specific activity of the enzymes 

(Supporting Information, Fig. S2). 

In the case of the commercial preparation of HLADH, we determined the 

enzyme concentration with a calibration curve of BSA in a SDS-PAGE gel 

(Supporting Information, Fig. S1). According to this calibration curve, the 
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HLADH commercial extract has 0.37 ± 0.014 mg of enzyme / mg of crude 

powder. 

 

Enzyme activity measurements 

Enzyme activities were spectrophotometrically measured in transparent 

96-well microplates, employing a Microplate Reader Epoch 2, BioTek® 

with the software Gen5. 

 

ADH activity 

200 μL of a reaction mixture containing the substrate (diols or lactol) and 

the cofactor NAD+ (at the specified concentrations) in sodium phosphate 

buffer at pH 8 were incubated with 5 μL of enzymatic solution or 

suspension (properly diluted) at 30 ºC. The increase in the absorbance at 

340 nm due to the NADH formation was recorded. One unit of activity was 

defined as the amount of enzyme that was required to reduce 1 μmol of 

NAD+ to NADH per minute at the assayed conditions.  

 

Alcohol oxidase activity 

200 μL of a reaction mixture containing the substrate (2a, at the specified 

concentration), HRP 10 μg/mL, ABTS 1 mg/mL in sodium phosphate buffer 

at pH 8 were incubated with 5 μL of enzymatic solution or suspension 

(properly diluted) at 30 ºC. The increase in the absorbance at 414 nm due 

to the ABTS oxidation triggered by the H2O2 formed by the oxidase, was 

recorded. One unit of activity was defined as the amount of enzyme that 

was required to produce 1 μmol hydrogen peroxide per minute at the 

assayed conditions.  

 

Lactonase activity 

Lactonase activity was indirectly monitored by the decrease in the pH 

triggered by the ω-HA formation from its corresponding lactone hydrolysis. 

Briefly, 200 μL of a reaction mixture containing the 1 mM of δ-

valerolactone, 0.1% acetonitrile, 0.25 mM p-nitrophenol in 2.5 mM sodium 

phosphate buffer at pH 7.0 were incubated with 5 μL of enzymatic solution 

or suspension (properly diluted) at 30 ºC. The decrease in the absorbance 

of p-nitrophenol (pH indicator) at 410 nm was recorded. One unit of activity 

was defined as the amount of enzyme that was required to produce 1 μmol 

ω-hydroxy acid per minute at the assayed conditions.  

 

Catalase activity  

The activity was determined by recording the decrease in the absorbance 

at 240 nm of 200 mL of a reaction mixture containing 35 mM hydrogen 

peroxide in 100 mM sodium phosphate pH 8 at 30 ºC. The reaction was 

initiated by adding 5 µL of the enzymatic solution or suspension to the 

reaction mixture. One unit of CAT activity was defined as the amount of 

enzyme required for the disproportionation of one μmol of hydrogen 

peroxide per minute at the assessed conditions. 

 

NADH oxidase activity 

200 μL of a reaction mixture containing 0.2 mM NADH and 150 µM FAD+ 

in 50 mM sodium phosphate buffer pH 8 at 30 ºC were incubated with 5 

μL of enzymatic solution or suspension (properly diluted) at 30 ºC. The 

decrease in the absorbance at 340 nm was monitored. One unit of activity 

was defined as the amount of enzyme that was required to oxidize 1 μmol 

of NADH per minute at the assayed conditions. 

 

Synthesis of ω-HA 

Either soluble or immobilized enzymes were placed inside a capped plastic 

tube (2 or 5 mL) containing a reaction mixture (0.5 or 1.5 mL, as indicated) 

consisted in either 20 or 100 mM of substrate (1a, 2a, 3a, 4a, 5a, 6a or 

7a), 1 mM NAD+, 0.15 mM FAD+ in 200 mM sodium phosphate buffer pH 

8. The cap of the tube was punched with an open needle to allow 

atmospheric oxygen supplementation. Reactions were incubated at 30 ºC 

at 250 rpm inside an orbital incubator. When specified, pH was manually 

adjusted by the addition of NaOH 1 M. Reaction course was monitoring by 

withdrawing samples at periodic intervals which were analyzed by 

chromatographic methods (Supporting Information, Table S4). The 

concentration of substrate, intermediates and products were determined 

by GC analysis at different time points. Particularly, the lactone and ω-HA 

concentration were calculated with a double analysis as described in 

Supporting Information, Scheme S1. We estimated the 6d yield 

qualitatively by NMR analysis calculating the ratio between the integration 

values of the doublets relative to CH3 of 6d (3.00) at 0.90 ppm and CH3 of 

the unknown product (1.13) that lies between 0.95-1.00 ppm (Supporting 

Information, Fig. S15).   

 

Chromatographic methods 

Gas Chromatography (GC) 

Prior GC analysis reaction samples were derivatized as described 

elsewhere.[31] During sample derivatization, lactones are hydrolyzed to 

their corresponding ω-HAs, therefore before sample derivatization, 

lactones must be removed by liquid-liquid extraction with ethyl acetate as 

follows: 100 μL of aqueous reaction sample were mixed with 400 μL of 

ethyl acetate and vortexed for 20 s and centrifuged 1 min at 1000 g. After 

extraction, the organic phase was stored for further GC analysis and the 

aqueous phase was further derivatized. The lactone was determined in the 

organic phase, while the ω-HA was quantified in the aqueous phase.  We 

analyzed every reaction sample both with and without lactone extraction. 

Diols and lactols were quantified by direct sample derivatization without 

lactone extraction. Samples were derivatized by placing 30 µL of the 

aqueous reaction simple in a 1.5 mL Eppendorf tube, followed by the 

addition of 30 µL of N-methylimidazole and 225 µL of acetic anhydride and 

incubated by 10 min at room temperature.  Afterwards, 300 µL of distilled 

water was added and allowed to cool down. Later, liquid-liquid extraction 

of acetylated compounds was done by the addition of 300 µL of 

dichloromethane containing 2 mM eicosane as internal standard 

discarding the aqueous phase. 30-50 mg of anhydrous MgSO4 were added 

to dry samples before GC analysis. Gas chromatography analyses were 

carried out in an Agilent 8890 GC system chromatograph using a J&W HP-

5 GC column (30 m × 0.32 mm × 0.25 μm), helium as carrier gas, and 

equipped with a flame ionization detector (FID). Injector at 280 ºC, FID at 

300 ºC. Separation of acetylated derivatives and extracted compounds in 

ethyl acetate were done by the following temperature program: initial 

temperature at 60 ºC, maintained 2 min, ramp to 160 ºC at a rate of 10 

ºC/min, ramp 2 to 240 ºC at a rate of 20 ºC/min and finally maintained 4 

min. Retention times are listed in Supporting Information, Table S4. The 

samples were additionally analyzed using a Agilent 7820A Series Gas 

Chromatograph a J&W HP-5 GC column (30 m × 0.25 mm × 0.25 μm), 

coupled to an Agilent 5975C inert XL Mass Spectrometer with Electronic 

Impact ionization. 

 

Chiral GC chromatography 

Prior chiral GC analysis, reaction samples were treated with ethyl acetate 

to remove residual lactones as aforementioned. Once lactones were 

removed aqueous samples were derivatized to obtain acetylated ω-HA as 

previously described. Once acetylated, samples were analyzed in an 

Agilent 8890 GC system chromatograph using a chiral column (Supporting 

Information, Table S5), helium as carrier gas, and equipped with a flame 

ionization detector (FID). Injector at 280 ºC, FID at 280 ºC. Separation of 

acetylated derivatives were done under chromatographic conditions 

described in Supporting Information, Table S5. 

 

High Performance Liquid Chromatography (HPLC) analysis 

Prior HPLC analysis reaction samples were derivatized as described 

elsewhere.[32] Briefly, 10 μL of aqueous sample (0.6 - 20 mM) were mixed 

with 50 μL of O-benzylhydroxylamine hydrochloride (130 mM in 

pyridine:methanol:water 33:15:2) and incubated for 5 min at 25 ºC. 
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Afterwards, 500 μL of methanol were added and then centrifuged 5 min at 

13450 g. HPLC analysis was conducted in an Agilent Technologies 1260 

Infinity chromatograph equipped with a Poroshell EC-C18 column (4.6 x 

100 mm, 2.7 μm). Samples were detected at 215 nm and were eluted at 1 

mL/min flow rate employing two mobile phases; phase A composed by 

trifluoroacetic acid 0.1 % in water, and phase B composed by 

trifluoroacetic acid 0.095% in 4:1 acetonitrile:water. Elution conditions: 

10% to 100% of B over 30 min. Retention times of O-benzylhydroxylamine 

derivatives were: 5-oxopentanoic acid (2e): 14.7 min, and 6-oxohexanoic 

acid (3e): 16.3 min. 

 

Nuclear Magnetic Resonance (NMR) analysis 

When specified, reaction samples were analyzed by 1H NMR spectra 

acquired on a Bruker 500 MHz Ultra Shield spectrometer, operating at 500 

MHz for 1H-NMR. Chemical shifts were reported in parts-per-million (δ, 

ppm) and referenced using the residual solvent peak (deuterium oxide δ = 

4.79 ppm). Coupling constants (J) were reported in hertz (Hz). The 

multiplicity of the signals were reported as singlet (s), doublet (d), doublet 

of doublets of doublets of doublets (dddd), doublet of quartet (dq), doublet 

of triplet (dt), triplet (t) and multiplet (m).  

 

Green metrics 

The sustainability of this work was obtained by calculating the green 

metrics of the present cell-free multi-enzyme system applied in the 

synthesis of 2d, compared with other reported approaches. To this aim, 

we employed the following equations:[24, 33] 

 

Product mass: Product obtained after one cycle (g).  

 

Waste mass: Is the product mass subtracted from the total mass in the 

bulk accounting for the reagents, the solvent (including water) and the 

catalyst. 

 

𝑾𝒂𝒔𝒕𝒆 𝒎𝒂𝒔𝒔 =  (𝑇𝑜𝑡𝑎𝑙 𝑟𝑒𝑎𝑔𝑒𝑛𝑡𝑠 𝑚𝑎𝑠𝑠 (𝑔) + 𝑡𝑜𝑡𝑎𝑙 𝑤𝑎𝑡𝑒𝑟 𝑚𝑎𝑠𝑠(𝑔) +

𝑡𝑜𝑡𝑎𝑙 𝑐𝑎𝑡𝑎𝑙𝑦𝑠𝑡 𝑚𝑎𝑠𝑠 (𝑔)) − 𝑃𝑟𝑜𝑑𝑢𝑐𝑡 𝑚𝑎𝑠𝑠 (𝑔)          Eq. 1 

 

𝑬 𝒇𝒂𝒄𝒕𝒐𝒓 = 𝑊𝑎𝑠𝑡𝑒 𝑚𝑎𝑠𝑠
𝑃𝑟𝑜𝑑𝑢𝑐𝑡 𝑚𝑎𝑠𝑠

⁄                         Eq. 2 

𝑨𝑬 =
Ʃ 𝑀𝑊 𝑝𝑟𝑜𝑑𝑢𝑐𝑡𝑠

Ʃ 𝑀𝑊 𝑟𝑒𝑎𝑔𝑒𝑛𝑡𝑠⁄                         Eq. 3 

 

SF (mass stoichiometry factor or excess reactant factor): this 

parameter means the excess of reagents regarding the limiting reagent. In 

this study. For those reaction using O2, we consider it in stoichiometric 

amounts as their supply to the reaction crude will be constant although its 

dissolved concentration will not be higher than 200 μM under the stirring 

conditions used in our reaction set-up[29].  

 

𝑆𝐹 = 1 + (
 Ʃ 𝑚𝑎𝑠𝑠 𝑒𝑥𝑐𝑒𝑠𝑠 𝑟𝑒𝑎𝑔𝑒𝑛𝑡𝑠 (𝑔)

Ʃ 𝑚𝑎𝑠𝑠 𝑠𝑡𝑜𝑖𝑐ℎ𝑖𝑜𝑚𝑒𝑡𝑟𝑖𝑐 𝑟𝑒𝑎𝑔𝑒𝑛𝑡𝑠 (𝑔)⁄ )  Eq. 4 

 

The stoichiometric mass is calculated as the coefficient between the mass 

of 2a divided by the mass of 2d.  

 

𝒀𝒊𝒆𝒍𝒅 = 𝑌𝑖𝑒𝑙𝑑 𝑜𝑓 𝑟𝑒𝑎𝑐𝑡𝑖𝑜𝑛 (%)              Eq. 5 

 

𝑹𝑴𝑬 =
𝑀𝑎𝑠𝑠 𝑜𝑓 𝑝𝑟𝑜𝑑𝑢𝑐𝑡 (𝑔)

𝑇𝑜𝑡𝑎𝑙 𝑚𝑎𝑠𝑠 𝑜𝑓 𝑟𝑒𝑎𝑐𝑡𝑎𝑛𝑡𝑠 (𝑔)⁄                   Eq. 6 

 

𝑴𝑷 =
𝑀𝑎𝑠𝑠 𝑜𝑓 𝑝𝑟𝑜𝑑𝑢𝑐𝑡 (𝑔)

𝑇𝑜𝑡𝑎𝑙 𝑚𝑎𝑠𝑠 𝑖𝑛𝑐𝑙𝑢𝑑𝑖𝑛𝑔 𝑠𝑜𝑙𝑣𝑒𝑛𝑡𝑠 (𝑔)⁄         Eq. 7 

 

The dissected E factor, was obtained by division of the mas of each 

contributor by the mass of the products according with the following 

equations:  

 

𝑬𝒇𝒂𝒄𝒕𝒐𝒓𝒓𝒆𝒂𝒈𝒆𝒏𝒕𝒔 =
𝑇𝑜𝑡𝑎𝑙 𝑟𝑒𝑎𝑔𝑒𝑛𝑡𝑠 𝑚𝑎𝑠𝑠 (𝑔)

𝑃𝑟𝑜𝑑𝑢𝑐𝑡 𝑚𝑎𝑠𝑠 (𝑔)⁄           Eq. 8 

 

𝑬𝒇𝒂𝒄𝒕𝒐𝒓𝒘𝒂𝒕𝒆𝒓 =
𝑇𝑜𝑡𝑎𝑙 𝑤𝑎𝑡𝑒𝑟 𝑚𝑎𝑠𝑠 (𝑔)

𝑃𝑟𝑜𝑑𝑢𝑐𝑡 𝑚𝑎𝑠𝑠 (𝑔)⁄            Eq. 9 

 

𝑬𝒇𝒂𝒄𝒕𝒐𝒓𝒄𝒂𝒕𝒂𝒍𝒚𝒔𝒕 =
𝑇𝑜𝑡𝑎𝑙 𝑐𝑎𝑡𝑎𝑙𝑦𝑠𝑡 𝑚𝑎𝑠𝑠 (𝑔)

𝑃𝑟𝑜𝑑𝑢𝑐𝑡 𝑚𝑎𝑠𝑠 (𝑔)⁄         Eq. 10 

 

Enzyme co-immobilization 

Enzyme co-immobilization on AG-Co2+ microbeads: heterogeneous 

biocatalyst 1 (HB1) 

The enzymes were immobilized by mixing 10 volumes of purified BsADH 

and crude cell extract of SiLAC (His-tagged proteins) with 1 volume of AG-

Co2+ microbeads and incubated under orbital shaking for 1 h at 4 ºC. Later, 

the suspension was filtered and the microbeads containing the enzymes 

were washed with 5 volumes of 25 mM phosphate buffer at pH 7. The 

immobilized biocatalyst (HB1) was stored at 4 ºC.  

 

Co-immobilization on AG-G microbeads: heterogeneous biocatalyst 2 

(HB2) 

10 volumes of HLADH in 100 mM bicarbonate buffer pH 10 were added to 

1 volume of AG-G. The suspension was incubated at 25°C under orbital 

agitation for 30 min. Afterwards, the suspension was filtered and the AG-

G microbeads containing the immobilized HLADH were mixed with 10 

volumes of an enzyme mixture of TtNOX and BlCAT in 100 mM 

bicarbonate buffer pH 10. Likewise, the suspension was incubated at 4 ºC 

under orbital agitation for 3 h. Subsequently, a reduction step was 

achieved by the addition of 1 mg/mL of sodium borohydride and 

maintained under agitation at 4°C for 30 min. After the reduction step, the 

immobilised preparation (HB2) was fully washed with 10 mM phosphate 

buffer pH 7, filtered and stored at 4°C. 
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